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Abstract 

Lignin, the most abundant natural aromatic polymer and a major byproduct of paper 
production, holds significant potential as a renewable alternative to fossil-based raw 
materials. However, its inherent chemical heterogeneity poses considerable challenges for 
downstream processing. This PhD thesis focuses on isolating lignin from agricultural 
wastes using the soda pulping method, with particular emphasis on achieving high 
antioxidant activity. Among the various lignin sources, grape seed lignin exhibited the 
highest antioxidant properties and was subsequently used to modify polyhydroxyalkanoate 
(PHA) cryogels. Incorporation of 1% lignin enhanced the thermal stability and antioxidant 
capacity of the cryogels. Further, lignin samples were subjected to biotechnological 
modification using white-rot fungi. Although this treatment did not reduce the molecular 
weight, it resulted in a slight improvement in antioxidant properties. Lignin nanoparticles 
(LNP) were then prepared from the various lignin types, with an aqueous tetrahydrofuran 
(THF) solution proving to be the most effective. Surface modification was investigated by 
fabricating ultrathin films using QCM-D layer-by-layer assembly, with the highest LNP 
adsorption achieved using poly-L-lysine. These films exhibited both antioxidant and 
antimicrobial functionalities. Overall, this study demonstrates that lignin isolated from 
agricultural residues can be processed and further modified, highlighting its potential for 
integration into sustainable, high-performance materials. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 

 

Keywords 

Lignin, nanoparticles, lignin ultrathin films, polyhydroxyalkanoates, cryogels, agriculture 
waste, white rot fungi, antioxidant activity, antimicrobial activity 



 

Abstrakt 

Lignin je nejrozšířenější přírodní aromatický polymer a hlavní vedlejší produkt při výrobě 
papíru. Lignin má významný potenciál jako obnovitelný zdroj alternativní k fosilním 
surovinám. Jeho přirozená chemická heterogenita však představuje značnou výzvu pro 
zpracování. Tato dizertační práce se zaměřuje na izolaci ligninu ze zemědělských odpadů 
metodou soda rozvlákňování s důrazem na dosažení vysoké antioxidační aktivity. Z 
porovnávaných typů ligninu vykazoval nejvyšší antioxidační aktivitu lignin získaný z 
hroznových semen, který byl následně použit, k modifikaci polyhydroxyalkanoátových 
(PHA) kryogelů. Začlenění 1 % ligninu zvýšilo tepelnou stabilitu a antioxidační kapacitu 
kryogelů. Dále byly vzorky ligninu biotechnologicky modifikovány pomocí hub s bílou 
hnilobou. Ačkoli tato úprava nesnížila molekulovou hmotnost, vedla k mírnému zlepšení 
antioxidačních vlastností. Z různých typů ligninu byly poté připraveny ligninové 
nanočástice (LNP), přičemž nejvhodnější analyzované rozpouštědlo byl vodný roztok 
tetrahydrofuranu (THF). Úprava povrchů byla zkoumána přípravou ultratenkých filmů 
pomocí QCM-D “layer-by-layer” metodou a nejvyšší adsorpce LNP bylo dosaženo 
použitím poly-L-lysinu. Tyto filmy vykazovaly jak antioxidační, tak antimikrobiální 
aktivitu. V souhrnu tato studie ukazuje, že lignin izolovaný ze zemědělských odpadů lze 
zpracovat a dále upravovat, což zdůrazňuje jeho potenciál pro integraci do udržitelných, 
pokročilých funkčních materiálů. 
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1. INTRODUCTION 

Global oil consumption has reached approximately 4.5 billion metric tons per year. Despite 
growing awareness of climate change and environmental pollution, most everyday products 
continue to be produced from fossil fuels. This reliance on non-renewable resources is 
unsustainable, particularly as the impacts of climate change, resource depletion, and pollution 
become increasingly apparent. In response, biobased and biodegradable materials have 
emerged as promising alternatives to reduce dependence on fossil resources, decrease 
greenhouse gas emissions, and mitigate environmental burdens associated with landfilling and 
marine pollution. 

Among the renewable materials available, lignin stands out as one of the most promising 
candidates. As the second most abundant biopolymer on Earth, after cellulose, and the most 
abundant renewable aromatic polymer, lignin is produced in large quantities as a byproduct of 
pulping and biorefinery processes. However, its complex and heterogeneous structure poses 
significant challenges for processing and conversion into high-value products. Despite these 
challenges, lignin offers unique advantages compared to conventional oil-based materials, as 
its natural antioxidant, antimicrobial, and UV-shielding properties can be exploited in a range 
of applications, from food packaging and medical devices to sustainable building materials. 

This PhD thesis aims to contribute to the advancement of sustainable material development 
by focusing on the isolation of lignin from selected agricultural wastes and evaluating its 
properties for various applications. Special attention is given to lignin-rich residues from grape 
and rose hip seeds, as well as plum and cherry shells, byproducts that are typically discarded 
but may serve as valuable feedstocks. The extracted lignin is analysed with an emphasis on 
solubility and antioxidant properties and is compared with commercial lignin samples. 
Furthermore, the work explores the preparation of lignin nanoparticles from these sources, 
which, with their defined size and regular shape, extend lignin’s potential for high-tech 
applications such as surface modification. 

In addition, the thesis describes the fabrication of porous materials based on 
polyhydroxyalkanoates (PHA) without the use of halogenated solvents and their modification 
through blending with grape seed lignin. The study also investigates the biotechnological 
modification of lignin using white-rot fungi that produce lignolytic enzymes capable of 
cleaving lignin bonds, which is an alternative to chemical modifications of the lignin structure. 

Overall, this thesis expands the understanding of lignin’s potential in sustainable material 
development by addressing both its processing challenges and inherent advantages. By 
exploring lignin from underutilized agricultural residues and testing novel strategies for its 
conversion and application, this work supports the transition toward bio-based solutions and a 
broader circular economy. 

.  
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2. THEORETICAL SECTION 

2.1 Biological function of lignin 

Lignin is a natural, heterogeneous polymer primarily found in the secondary cell walls of 
vascular plants. These plants are distinguished by the presence of xylem tissue, which facilitates 
the transport of water and minerals [1]. The xylem is composed of cells known as tracheids and 
tracheae, whose secondary cell walls contain lignin. This lignin provides mechanical strength, 
water resistance, and structural cohesion, and it also contributes to resistance against 
biodegradation [2]. Together with hemicelluloses, lignin fills the spaces between cellulose 
bundles, giving lignocellulose its composite structure (Figure 1). Lignin is also present in cells 
of the conducting phloem and sclerenchyma tissue, which serve as the mechanical support of 
plants [3]. Since tree wood consists largely of xylem and secondary phloem tissues, lignin is 
abundantly present in plant biomass. 

 
Figure 1 Schematic illustration of the lignocellulosic composition of wood, highlighting its main 
components: cellulose and hemicellulose as carbohydrate polymers, and lignin as an aromatic polymer 
[4]. 

The definition of lignin encompasses several criteria. Lignin is composed of phenylpropane 
units, known as monolignols, which are interconnected by carbon-carbon bonds, as well as 
ether and ester linkages. Although compounds such as lignans also meet these criteria, lignans 
differ from lignin in their low molecular weight [5]. A distinctive feature of lignin is its lack of 
optical activity, despite having multiple chiral centers. This results from the random formation 
of bonds between monolignols during lignin biosynthesis, which occurs via a radical 
mechanism independent of specific enzyme catalysts. Consequently, lignin forms a racemic 
mixture, a characteristic unusual for biopolymers. The structural heterogeneity of lignin also 
explains the challenge microorganisms face in degrading it, as the irregular primary structure 
makes it difficult for specific enzymes to evolve for its breakdown. 
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2.2 Structure and biosynthesis of lignin 

Lignin is synthesized from three main precursors: p-coumaryl, coniferyl, and sinapyl alcohols 
(Figure 2). These precursors are produced in the cytoplasm through the shikimate and cinnamic 
acid pathways before being transported to the cell wall, where polymerization (lignification) 
occurs via a radical mechanism [6].  

Lignification begins with the enzymatic dehydrogenation of monolignols, forming phenoxy 
radicals stabilized by resonance. This radical formation is catalysed by oxidative enzymes such 
as peroxidases and laccases. The resulting monolignol radicals undergo coupling reactions, 
leading either to the formation of dimers or further polymerization with growing lignin 
oligomers, ultimately generating a complex polymer with diverse intermolecular linkages [7]. 

Incorporation of phenylpropanoid precursors into the lignin structure gives rise to three main 
subunits: p-hydroxyphenyl (H), guaiacyl (G), and syringyl (S) (Figure 3). The relative 
abundance of these subunits varies depending on plant species, cell type, and environmental 
conditions. Conifers predominantly contain G subunits, while deciduous plants have a mixture 
of G and S subunits. In contrast, grasses incorporate all three subunits. 

 
Figure 2 Structure of lignin phenylpropanoid precursors – monolignols 

Unlike carbohydrates or proteins, lignin does not have a uniform primary structure with a 
single type of linkage. Instead, its subunits are irregularly interconnected, resulting in a highly 
complex and heterogeneous polymer [5]. Each plant species possesses specific regulatory 
mechanisms that influence lignin biosynthesis and allow for adaptation to environmental 
conditions. Due to this complexity, lignin cannot be accurately represented by a single structural 
formula. 

Understanding the relationship between lignin’s structure and its physicochemical properties 
is crucial for its effective utilization. The foundational concepts of lignin structure were first 
proposed in the 1950s by Erdam [8] and Freudenberg [9] but research into its structural details 
remains ongoing [5]. 

An exception among lignin types is catechyl lignin (C-lignin), a linear homopolymer 
composed exclusively of caffeyl alcohol units. It has been identified in the seed coats of Vanilla 
planifolia and several species within the Cactaceae family[10]. Compared to typical G/S 
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lignins, C-lignin exhibits a lower molecular weight, likely due to the reduced polymerization 
efficiency of caffeyl alcohol relative to guaiacyl or syringyl units. Structural analysis via all-
atom molecular dynamics simulations has shown that C-lignin possesses a denser and more 
rigid three-dimensional structure. Owing to its uniform composition and well-defined linkages, 
C-lignin is considered a promising feedstock for biorefinery applications, especially for the 
production of high-value chemicals such as catechol, which serves as a precursor in 
pharmaceutical synthesis [11]. 

2.3 Lignin bonds 

The basic structure of lignin consists of monolignol units interconnected by various C–C and 
C–O–C linkages, the presence of which has been confirmed through studies analysing lignin 
degradation products [6, 12]. The β-O-4 bond (aryl-propyl alcohol-β-aryl ether) is the most 
abundant linkage in lignin, comprising up to 65% of all bonds in hardwoods (Table 1). Notably, 
all three monolignol-derived subunits (H, G, and S) can participate in this type of bond 
formation [13]. 

Among carbon-carbon bonds, the most prevalent is the β-5 linkage, which connects the β-
carbon of a phenylpropanoid unit to the fifth carbon of the aromatic ring in another subunit, 
forming the phenylcoumaran structure (Figure 3, structure B). This structure primarily exists in 
the trans conformation. While β-5 linkages are relatively rare in hardwoods, they occur more 
frequently in softwoods. 

Other common lignin interunit linkages include α-O-4, 5-5, β-β′, 4-O-5, and β-1 bonds, each 
contributing to the complex and heterogeneous nature of lignin’s polymeric structure. 

Table 1 Common lignin interunit linkages and their relative abundance in hardwoods and 
softwoods [6]. 

Linkage type Substructure Percentage content 
Softwood Hardwood 

β-O-4 Phenylpropane β-aryl ether 45-51 60-65 
β-5 Phenylcumaran 9-15 6 
5-5‘ Biphenyl 9-11 2-5 
α-O-4 Phenylpropane α-aryl ether 6-8 6-8 
β-1 1,2-diarylpropane 7-10 7-10 
4-O-5 Diphenyl ether 3-8 6 
β-β′ Resinol 3 2-6 
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Figure 3 Representative lignin model illustrating the most frequently occurring structures and 
interunit linkages. G: guaiacyl unit; S: syringyl unit; A: β-O-4′alkyl-aryl ether; A′: β-O-4′alkyl-aryl-
ether γ-acylated; Aox: β-O-4′alkyl-aryl-ether Cα- oxidized; B: phenylcumaran; C: resinol; D: 
dibenzodioxocin; E: α,β-diarylether; F: spirodienone; I: cinnamyl alcohol (or aldehyde); T: tricin; pCA: 
p-coumarate; FA: ferulate (R = H or arabinose) [14]. 

2.4 Function groups in lignin 

Lignin contains various functional groups, including aliphatic hydroxyl, phenolic hydroxyl, 
carbonyl, carboxyl, methoxyl, and sulfonic groups [7]. The abundance of these groups influence 
lignin’s chemical reactivity and overall properties. Moreover, functional groups play a crucial 
role in lignin modification and the development of high-value-added products. 
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A significant number of aliphatic and aromatic hydroxyl groups are present in lignin, with 
their content varying depending on the lignin isolation method. The determination of aliphatic 
hydroxyl content can be influenced by residual carbohydrates, which must be removed prior to 
analysis. Several techniques are used to quantify hydroxyl groups, including 
spectrophotometric methods in the UV region [15]. This approach relies on the differential 
absorption of phenolic units at 300 and 350 nm. Another widely used method is the modified 
Folin–Ciocalteu assay [16]. 

Additionally, hydroxyl group content can be assessed via conductometric or potentiometric 
titration [17], as well as Fourier transform infrared spectroscopy (FT-IR), which requires prior 
acetylation of hydroxyl groups. The presence of acetylated hydroxyls is then identified by 
characteristic absorption peaks at 1745 and 1765 cm-1 [18]. Nuclear magnetic resonance (NMR) 
spectroscopy is another precise technique for hydroxyl quantification [19]. 

Lignin also contains significant amounts of carbonyl and carboxyl groups. However, while 
carbonyl groups naturally occur in native lignin, carboxyl groups are predominantly formed 
during lignin degradation or chemical isolation processes. Carbonyl groups can be present as 
conjugated aldehydes or ketones on the propyl side chains, or as part of cyclohexadienone 
structures (Figure 3) [13]. Among the available analytical techniques, NMR spectroscopy is the 
most accurate and widely used method for determining both the type and abundance of carbonyl 
groups. 

2.5 Lignin carbohydrate complex 

In lignocellulosic biomass, lignin is closely associated with polysaccharides, forming the 
lignin–carbohydrate complex (LCC). The exact nature of this complex remains an area of active 
research, as native lignocellulose cannot be analyzed without some degree of structural 
alteration, making it difficult to precisely identify the linkages between lignin and carbohydrate 
components [20]. 

Harsh isolation conditions, such as high temperature, pressure, or extreme pH, can promote 
the formation of covalent bonds between lignin and carbohydrates. However, substantial 
evidence suggests that covalent linkages, particularly between lignin and hemicellulose, exist 
even in the native state [13, 21].  

The primary types of covalent bonds linking lignin to carbohydrates include glycosidic, 
ether, and ester bonds [22], which are typically found at the α-carbon position and the C-4 
position of the aromatic ring Figure 4 [21]. The most common interactions occur between lignin 
and hemicelluloses, such as xylan and glucomannan. The specific carbohydrate composition 
and the distribution of different types of linkages vary depending on the botanical origin of the 
biomass. Unlike hemicellulose, cellulose primarily interacts with lignin via hydrogen bonding, 
further contributing to the complexity of the LCC structure [23]. 

The presence of covalent linkages within the LCC plays a crucial role in lignin’s biological 
functions. The rigid nature of lignin enhances the mechanical strength of the LCC system, while 
also contributing to microbial resistance and water repellency [21]. Although lignin is more 
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hydrophobic than cellulose, it remains significantly less hydrophobic than plant waxes due to 
the presence of hydroxyl and methoxyl groups. Water resistance in lignocellulose is primarily 
attributed to the cross-linked structure of the LCC, which limits swelling in aqueous 
environments. A higher degree of cross-linking results in increased hardness but also greater 
brittleness, as observed in nutshells [5]. 

Due to the complex structure and strong interactions within the LCC, isolating and 
separating its individual components remains a significant challenge. Efficient biorefinery 
strategies must be carefully designed to effectively process these complex substrates [22]. 

 
Figure 4 Common types of covalent bonds between lignin and polysaccharides [5]. 

2.6 Lignin extraction methods 

The extraction of lignin from lignocellulosic biomass is technically challenging due to its 
inherent resistance to chemical and biological degradation [24]. In nature, certain bacteria and 
wood-decaying fungi, including soft-rot, brown-rot, and white-rot fungi, possess the ability to 
degrade lignin within the LCC. A comprehensive overview of wood-degrading microorganisms 
has been provided by Asina et al. [25]. This microbial degradation is facilitated by ligninolytic 
enzymes, primarily laccases and peroxidases [26]. However, due to the complex and irregular 
structure of lignin, its biodegradation is relatively slow. 

Lignin can also be extracted using various chemical processes that disrupt the bonds within 
the LCC, separating lignin from cellulose and hemicellulose. These extraction methods can be 
broadly classified into two main categories. The first category, delignification, involves 
dissolving lignin while leaving cellulose and hemicellulose in the solid phase [27]. The 
dissolved lignin is subsequently precipitated as a solid or recovered in the form of 
depolymerized lignin oil. The second category relies on the hydrolysis and dissolution of 
cellulose and hemicellulose, leaving lignin as an insoluble residue. Although these methods are 
not commonly used in industry, they serve analytical purposes, such as determining the total 
lignin content in a sample. The total lignin fraction measured using this approach is referred to 
as Klason lignin [28]. 

Industrial delignification processes are primarily employed in the paper and pulp industry, 
yielding technical lignin. These processes, collectively known as pulping methods, include the 
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Kraft process, sulfite pulping, soda pulping, and organosolv processes, which together account 
for the vast majority of lignin production (Figure 5). 

 
Figure 5 Classification of basic lignin isolation methods based on the use of sulfur compounds [29]. 

2.6.1 Kraft lignin 
The Kraft pulping process is the dominant method used in the pulp and paper industry. This 
process extracts the largest quantity of lignin, producing up to 14 million tons per year. 
However, the majority of this lignin is utilized as an energy source within the pulp production 
cycle, with only approximately 256,000 tons of Kraft lignin being marketed annually [30]. The 
main advantages of Kraft lignin include its high purity and relatively consistent properties 
across different batches, provided that it originates from the same type of wood. 

Kraft lignin is obtained through the Kraft process, in which lignocellulosic biomass is boiled 
at temperatures up to 170 °C in an alkaline solution known as white liquor, which consists of 
NaOH and Na2S [31]. The presence of HS⁻ ions in the white liquor enhances lignin solubility 
and promotes its depolymerization, while cellulose and hemicellulose remain largely insoluble. 
The resulting liquid containing dissolved lignin is referred to as black liquor. 

Lignin can be further isolated from black liquor by acidification, which induces its 
precipitation. However, during this process, sulfur is incorporated into the lignin structure in 
the form of thiol groups, which may pose challenges if sulfur-free lignin is required for specific 
applications. The structure of Kraft lignin is classified as condensed lignin, meaning that it 
contains a high proportion of strong C-C bonds between lignin units due to condensation 
reactions occurring during pulping. This extensive condensation limits its depolymerization 
into smaller compounds [32]. Additionally, the Kraft process significantly cleaves aryl ether 
bonds, leading to a high content of phenolic hydroxyl groups. Under oxidative conditions, 
quinones, catechols, and carboxyl groups can also form [33].  

A key advantage of Kraft lignin is its low ash and carbohydrate content (Table 2), which is 
achieved due to the high efficiency of the Kraft pulping process. A comprehensive review of 
current Kraft process modifications can be found in the work of Kienberger et al. [34]. 
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Table 2 Characterisation of different types of technical lignin [29, 35]  

Lignin type Isolation 
conditions 

Ash 
content 

(%) 

Sugar 
content 

(%) 

Sulfur 
content 

(%) 

Molecular 
weight 
(kDa) 

Poly-
dispersity Purity 

Kraft Alkaline 0.5-3.0 1.0-2.3 1.0-3.0 25 2.5-3.5 High 
Lignosulfonates Acidic 4.0-8.0 - 2.5-8.0 150 4.2-7.0 Low 

Soda Alkaline 0.7-2.3 1.5-3.0 0 15 2.5-3.5 Medium 
Organosolv Acidic 1.7 1.0-3.0 0 5 1.5 High 

2.6.2 Lignosulfonate 

Lignosulfonate is obtained through sulfite pulping, which is conducted at 130–180 °C in an 
aqueous solution of sulfite or bisulfite salts of sodium, magnesium, calcium, or ammonium. 
Several modifications of the sulfite process exist, operating under acidic, alkaline, or neutral 
conditions [36].  

During sulfite pulping, both lignin-polysaccharide bonds and inter-unit lignin linkages are 
cleaved. However, the most significant reaction is sulfonation of the lignin aliphatic chain ( 

Figure 6), which determines the final properties of lignosulfonate. Sulfonation involves the 
incorporation of negatively charged sulfite or bisulfite ions into the lignin structure. Regardless 
of pH conditions, α-positions in the lignin structure undergo sulfonation, forming benzyl 
sulfonate. The presence of sulfonate groups significantly increases water solubility and prevents 
reprecipitation of lignin onto cellulose fibers [37].  

 

Figure 6 Mechanism of the lignin sulfonation reaction during acid sulfite pulping [38]. 

Lignosulfonate can be extracted from spent pulping liquor using ultrafiltration, solvent 
extraction, or precipitation. The molecular structure of lignosulfonates varies depending on the 
isolation conditions. For example, sodium sulfite tends to produce longer-chain lignin, while 
calcium sulfite leads to a more compact structure [32]. In general, lignosulfonate is 
characterized by a high molecular weight, broad polydispersity, high ash content, and a sulfur 
content of up to 8%. 
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With the introduction of the Kraft process, the significance of sulfite pulping has declined, 
and it now accounts for less than 10% of industrial lignin production. However, lignosulfonate 
remains the most commercially available form of lignin, as most Kraft lignin is burned for 
energy within the pulping process [30]. 

2.6.3 Soda lignin 

The soda process is the oldest method for pulping lignocellulosic biomass and is primarily used 
today for processing non-wood raw materials and agricultural waste, such as sugarcane bagasse, 
flax, straw, husks, and press residues [39]. Soda pulping operates similarly to the Kraft process, 
but without sodium sulfide (Na2S). Due to the absence of a strong nucleophile, alkaline 
depolymerization is less efficient. However, a major advantage of soda lignin is its lack of sulfur 
contamination, making it more suitable for further applications [40].  

During soda pulping, biomass is treated with concentrated sodium hydroxide (NaOH) at high 
temperature (170 °C) and pressure (10 bar). Lignin dissolves, forming a black liquor, from 
which it can be recovered by precipitation with CO2 or HCl. As the pH decreases, lignin 
becomes more hydrophobic and precipitates [41].  

Under alkaline hydrolysis, ether inter-unit bonds in lignin are cleaved, leading to a low 
content of β-O-4 bonds. The reaction of β-O-4 and β-5 bonds with NaOH produces vinyl ether 
structures and p-hydroxyphenyl units (Figure 7) [42]. Vinyl ether units are unstable and tend to 
undergo condensation reactions, but at the same time, fragmentation reactions lead to lower 
molecular weight lignin fractions compared to other pulping methods. If soda lignin is extracted 
from non-wood biomass, it may contain a higher proportion of carboxyl groups than lignin 
derived from wood [41]. 

 
Figure 7 Reactions occurring during soda pulping: cleavage of β-O-4 (A) and β-5 (B) bonds 
under alkaline conditions [42]. 
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In alkaline conditions, NaOH also reacts with polysaccharides, leading to the dissolution of 
over 50% of hemicelluloses and 5–10% of cellulose into the black liquor [43]. Although soda 
pulping has a relatively low efficiency, its performance and selectivity can be enhanced by 
adding a strong oxidizing agent, such as anthraquinone [41]. Anthraquinone is thought to 
facilitate reductive cleavage of ether bonds while also minimizing carbohydrate degradation by 
acting as a redox mediator (quinone–hydroquinone cycle) [31, 44].  

2.6.4 Organosolv lignin 

The organosolv process enables the separation of lignocellulose into its main components: 
dissolved hemicellulose, solid cellulose, and precipitated lignin. This method yields highly pure 
lignin with less than 1% residual carbohydrates[40]. 

A variety of organic solvents are used in this process, including alcohols (methanol, ethanol, 
butanol), ketones (acetone), ethers (dioxane, tetrahydrofurfuryl alcohol), and polyols (glycerol, 
ethylene glycol) [45]. The process can also be catalysed using mineral acids (H2SO4, HCl, 
H3PO4) or organic acids (acetic, formic, oxalic acids) to enhance ether bond cleavage and the 
breakdown of LCC. However, these conditions can also promote condensation reactions, 
leading to the formation of new carbon-carbon bonds. Conventional organosolv pulping is 
typically carried out at 100–250 °C for 30–90 minutes, using aqueous solutions of organic 
solvents at varying concentrations. 

For effective delignification, the solvent mixture should have a Hildebrand solubility 
parameter of approximately 23 ± 2 MPa1/2, which corresponds to lignin’s solubility parameter. 
This value represents the total intermolecular forces within a substance and is commonly used 
to predict solvent-polymer interactions. A substance dissolves in a given solvent when their 
solubility parameters are sufficiently close [46]. The Hildebrand parameter is critical in lignin 
dissolution, as the solvent mixture facilitates both the diffusion of catalysts or reagents through 
the polysaccharide matrix and the extraction of soluble lignin fragments into solution[47]. 

The key advantages of the organosolv method include its sulfur-free process, preventing 
sulfur contamination of the lignin, and the production of low molecular weight lignin (~5 kDa) 
[48]. However, despite the potential for solvent recovery due to the low boiling points of many 
organic solvents, organosolv pulping is not widely used. This is primarily due to its high energy 
demands, as well as the technical challenges associated with corrosion risks in process 
equipment. Currently, organosolv lignin is commercially available on a pilot scale [30]. 

It is important to note that technical lignins differ structurally from native lignin in plants 
due to chemical modifications during isolation. As a result, their properties also deviate from 
those of native lignin [32, 49]. 

2.7 Lignin properties 

2.7.1 Antioxidant properties 

Lignin belongs to the class of polyphenols, which are known for their antioxidant activity. This 
property arises from its molecular structure, which has been extensively studied in relation to 
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antioxidant mechanisms. It is widely accepted that free phenolic hydroxyl groups, methoxy 
groups, aliphatic hydroxyl groups, and double bonds in the side chains contribute to lignin’s 
antioxidant activity [41]. In contrast, carbonyl groups in the aliphatic chain have a negative 
effect [50]. The relative contribution of these structural features to antioxidant activity follows 
the order proposed by Nsimba et al. [51], with phenolic hydroxyl content being the most critical 
determinant [52]. 

Hydroxyl groups act as proton donors for free radicals and are stabilized through quinone 
resonance structures (Figure 8). The detailed mechanism of antioxidant reactions has been 
described in literature [53]. 

 

Figure 8 Resonance stabilization of the phenoxy radical by the ortho methoxy group (A) and 
conjugation with C=C bonds in the side chain (B) [54]. 

Studies confirm that total polyphenol content correlates with antioxidant activity [55], but it 
is not the only determining factor. Other influential parameters include structural heterogeneity, 
molecular weight, purity, and polydispersity of lignin [56, 57]. Contamination with 
hemicelluloses negatively affects antioxidant activity, as hydrogen bonding between 
hemicellulose and lignin’s hydroxyl groups reduces the availability of free hydroxyls [40]. The 
extent of hemicellulose contamination is strongly influenced by isolation conditions. For 
example, acid purification steps in a study by García et al. [55] educed the hemicellulose 
content but also decreased the total polyphenol content and antioxidant activity. 

Another key factor is molecular weight [58]. Lignin with lower molecular weight exhibit 
higher antioxidant activity, primarily due to the formation of additional hydroxyl groups during 
depolymerization. Conversely, condensation reactions negatively impact antioxidant 
properties. 

Technical lignin displays variable physicochemical properties, and extraction methods 
significantly influence their antioxidant potential, even when the same substrate is used [55, 59, 
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60]. Moreover, lignin obtained from different raw materials, such as sawdust and agricultural 
residues, exhibit different antioxidant behaviours due to structural variations [61].  

The pH of lignin precipitation during extraction also affects its antioxidant activity. For 
example, a study comparing Kraft lignin and lignosulfonate extracted at different pH values 
showed that Kraft lignin exhibited the highest antioxidant activity at pH 6, whereas 
lignosulfonate reached its peak at pH 2. While both lignin ultimately achieved similar 
antioxidant levels, their activity varied by up to 35% depending on pH [62].  

Studies on lignin fractionation reveal that increased solubility correlates with reduced 
antioxidant activity. This trend is attributed to a decrease in phenolic hydroxyl and methoxy 
group content, both of which stabilize free radicals [60]. 

Antioxidant activity of lignin has attracted significant interest in various fields, particularly 
as a natural additive. Potential applications include: i) food industry – protection against lipid 
oxidation [63], ii) cosmetics and pharmaceuticals – formulations for oxidative stress reduction, 
iii) polymeric materials – slowing down oxidation or photodegradation in polymer composites. 

Lignin’s role in polymer stabilization has been investigated in blends with polypropylene 
and polyethylene [64, 65]. In biopolymers, its effects have been studied in mixtures with starch 
[66], poly-3-hydroxybutyrate (P3HB) [67, 68] and polylactic acid (PLA) [57, 69]. Research 
suggests that incorporating small amounts of lignin (<10%) optimizes antioxidant performance 
without compromising material properties. 

Free radicals pose a threat to cellular integrity, leading to DNA damage. Studies have shown 
that lignin prevents DNA strand breaks induced by H2O2 [70]. Additionally, lignin-based 
biomaterials are being explored for scaffold fabrication in tissue engineering [71]. However, 
while higher lignin concentrations enhance antioxidant effects, they can also induce 
cytotoxicity. Thus, it is essential to balance lignin concentration and biocompatibility for safe 
medical applications. 

2.7.2 Antimicrobial properties 

Lignin's antimicrobial activity is closely linked to its molecular structure, particularly the 
composition of its side chains and functional groups. The presence of double bonds in the α, β 
positions of the side chain, as well as methyl groups in the γ position of phenolic fragments, 
likely contributes to its antimicrobial properties [72, 73]. In contrast, the presence of carbonyl, 
carboxyl, and hydroxyl groups on the side chain reduces antimicrobial efficacy [74]. However, 
the available literature does not provide definitive conclusions regarding lignin’s antimicrobial 
activity, and further detailed research is needed to better understand the properties of different 
lignin types. 

A study on lignin obtained as a by-product from bioethanol production reported no 
antimicrobial activity against Gram-negative bacteria (tested on Escherichia coli a Salmonela 
enteritidis) [75]. However, this lignin exhibited inhibitory effects against Gram-positive 
bacteria (Listeria monocytogenes and Staphylococcus aureus) and yeasts (Candida lipolytica). 
The most significant effect was observed against S. aureus, with a minimum inhibitory 
concentration (MIC) of 1.25 mg·mL-1. 
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Similar findings were reported for demethylated lignin, which demonstrated antimicrobial 
activity against S. aureus in a study focused on lignin-based polyurethanes [72]. In another 
study investigating lignin for textile applications, lignin isolated from sugarcane bagasse 
showed antimicrobial effects against Staphylococcus epidermidis, with MIC and minimum 
bactericidal concentration values of 4.10 mg/mL and 8.19 mg/mL, respectively [76]. 

While lignin has often been considered effective only against Gram-positive bacteria, likely 
due to their lack of an outer membrane, some exceptions have been reported. Lignin extracted 
from oil palm fruit pomace exhibited antimicrobial activity against both Gram-positive 
(Bacillus subtilis and S. aureus) and Gram-negative (E. coli and Salmonella typhimurium) 
bacteria [77].  

The effects of lignin on yeasts and fungi remain inconsistent. In one study, lignin from oil 
palm fruits showed no inhibitory effect against the yeast Candida albicans or the fungus 
Aspergillus niger [77]. However, another study demonstrated that lignin isolated from apple 
wood inhibited A. niger by slowing fungal growth and altering colony morphology [78]. A 
strong inhibitory effect was also observed against Saccharomyces cerevisiae. A comprehensive 
review of lignin’s antimicrobial properties can be found in [72]. 

Beyond its intrinsic antimicrobial effects, lignin can be chemically modified to enhance its 
bioactivity. One of the most studied approaches involves combining lignin with antimicrobial 
agents, such as silver nanoparticles [79]. This combination has shown high antimicrobial 
efficacy, with the mechanism of action attributed to silver nanoparticles binding to sulfur atoms 
in membrane proteins, leading to cell membrane damage and loss of function [74]. The 
effectiveness of lignin-silver nanoparticle composites has been confirmed in multiple studies 
[80–82].  

2.8 Strategy for Lignin Utilization 

Currently, approximately 1.65 megatons of commercial technical lignin are produced annually, 
excluding the portion used for energy generation [83] (Figure 9). As the demand for sustainable 
materials grows, research and industrial efforts focus on utilizing lignin in two main ways.  

The first approach involves using lignin as a macropolymer in the production of polymer 
composite materials, where it enhances mechanical strength, thermal stability, antimicrobial 
and antioxidant properties, or biodegradability. It has been studied in blends with conventional 
polymers such as polypropylene [84], polyethylene [85], polystyrene [86], polyurethanes [87], 
and acrylonitrile butadiene styrene [88], as well as with bioplastics like starch [89],  
PHA [90–93], and PLA [94, 95]. Additionally, macropolymer lignin can serve as a substitute 
for phenol in phenol-formaldehyde resins [96, 97]. However, a key drawback of macropolymer 
lignin is its variability in properties, which depends on both the feedstock and the isolation 
method.  

The second approach involves processing lignin within a biorefinery system, enabling its 
conversion into valuable chemicals, fuels, and functional materials. 
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Figure 9 Overview of commercial lignin producers and their applications [98]. 

2.8.1 Lignin biorefinery 

Lignin biorefinery involves the depolymerization of lignin into low-molecular-weight 
compounds [99]. Due to its abundance and unique aromatic structure, lignin is considered one 
of the most promising biopolymers for the production of high-value chemicals. However, 
effective lignin valorization requires breaking down the complex macromolecular structure into 
more uniform oligomeric and monomeric aromatic compounds, which can then be processed 
into commercially valuable products [100] (Figure 10). 

Currently, lignin depolymerization is pursued through two main approaches: 
thermochemical and biochemical methods (Figure 11). Thermochemical methods include 
hydrolysis, pyrolysis, gasification, hydrogenolysis, and chemical oxidation [101]. These 
techniques offer high efficiency and short reaction times but require harsh conditions, which 
are both costly and often lead to non-selective degradation of lignin bonds. In contrast, 
biochemical methods operate under mild reaction conditions and achieve greater specificity 
through enzymatic hydrolysis. However, their efficiency remains significantly lower compared 
to thermochemical approaches. 

In thermochemical methods, lignin is first dissolved in organic solvents and then 
depolymerized at high temperatures and pressures, often in the presence of metal catalysts. 
Noble metal catalysts such as ruthenium (Ru), rhodium (Rh), palladium (Pd), and platinum (Pt) 
are commonly used [102]. Redox catalysts play a crucial role in stabilizing lignin fragments by 
suppressing repolymerization and the formation of condensed lignin structures, thereby 
increasing the overall yield of monomers. 
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Figure 10 Schematic representation of lignin depolymerization into high-value, low-molecular-
weight compounds. The products are categorized based on their originating monolignols [103]. 

Biochemical methods for lignin degradation rely on wood-degrading fungi and certain 
bacteria. Although bacteria are generally less efficient in lignin decomposition than fungi, they 
have been widely studied due to their greater environmental adaptability, shorter growth cycles, 
and ease of genetic modification [104]. Bacterial species capable of degrading lignin include 
Actinomycetales, α-Proteobacteria a γ-Proteobacteria [105]. 

 
Figure 11 Schematic classification of basic lignin depolymerization methods [103] 

 Among fungi, white-rot, brown-rot, and soft-rot fungi are the primary decomposers 
involved in natural wood decay [106]. White-rot fungi, belonging to Basidiomycetes, are the 
most efficient lignin-degrading microorganisms in nature and, so far, the only known species 
capable of completely degrading lignin [107]. 

Microorganisms utilize enzymes to degrade lignin and LCC. These enzymes are classified 
as metalloproteins, primarily peroxidases and laccases. Unlike ligninolytic peroxidases, which 



25 

 

require hydrogen peroxide as an electron acceptor, laccases use molecular oxygen, releasing 
only water as a byproduct. This mechanism offers advantages for potential applications in 
lignocellulosic biorefineries due to its simplicity and lack of peroxide dependence [108].  

Laccase 

Laccase, a polyphenol oxidase belonging to the multi-copper oxidase family, has a molecular 
weight ranging from 60 to 70 kDa [109]. It consists of approximately 500 amino acid residues 
and features three copper-binding sites [110]. These sites include four copper ions: a single type 
I Cu²⁺ (T1Cu), a single type II Cu²⁺ (T2Cu), and two type III Cu²⁺ (T3Cu). These ions form 
three-dimensional copper clusters that serve as active centers with specific configurations 
(Figure 12) [106].  

Laccase has low redox potentials and can oxidize phenolic and non-phenolic compounds, 
generating reactive radicals. The enzyme's activity is pH-dependent, with optimal activity 
occurring at acidic pH values [111]. Laccase-catalysed reactions follow a redox mechanism in 
which electrons are sequentially transferred between the four copper atoms. The three active 
centres facilitate electron transfer from the substrate to oxygen molecules, ultimately reducing 
oxygen to water [112]. 

 
Figure 12 Laccase-catalysed reactions mechanism of lignin oxidation [106]. 

Laccase can degrade both phenolic and non-phenolic lignin compounds, with oxygen 
serving as the final electron acceptor [113]. The oxidation of phenolic substrates generates 
phenoxy radicals, which act as unstable intermediates. These radicals promote oxidative 
cleavage at the Cα position, cleavage of alkyl-aryl bonds, and breakdown of Cα-Cβ bonds, 
contributing to lignin depolymerization [114]. 
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Lignin peroxidase 

Lignin peroxidase (LiP) is a hydrogen peroxide-dependent glycoprotein with a heme prosthetic 
group and a molecular weight of approximately 38–43 kDa [115, 116]. Compared to laccases 
and manganese peroxidase, LiP exhibits a significantly higher redox potential, enabling it to 
oxidize non-phenolic aromatic compounds even in the absence of a mediator. The reaction 
catalysed by LiP is illustrated in Figure 13A [111]. 

Lignin peroxidase mediated lignin degradation generally consists of one oxidative and two 
reductive steps. In the first step, the ferric ion Fe3+ in the active site is oxidized, forming a 
compound I (LiPI) oxo-ferryl intermediate, while hydrogen peroxide is simultaneously reduced 
to water [117]. 

In the second step, LiPI is reduced by a substrate (S), which donates one electron, generating 
a compound II intermediate (LiPII) containing Fe4+, and free radical (S·). In the final step, LiPII 
is further reduced by a second substrate molecule, restoring LiP to its resting ferric oxidation 
state and completing the oxidation cycle [106, 118]. 

At low substrate concentrations and in the presence of excess hydrogen peroxide, compound 
II can be irreversibly converted into an inactive enzyme form due to LiP's high reactivity with 
peroxide [119]. However, inactivation can be prevented by the presence of aromatic stabilizers 
such as veratryl alcohol or tryptophan. 

 
Figure 13 Mechanism of the lignin depolymerization process as mediated by lignin peroxidase (A) 
and manganese peroxidase (B) [106]. 

Manganese-dependent peroxidase 
Manganese-dependent peroxidase (MnP) is a glycosylated heme-containing oxidase with a 
molecular mass of approximately 40–50 kDa. It is the most commonly produced lignin-
modifying peroxidase, secreted by nearly all wood-degrading basidiomycetes and some 
bacteria [111]. Structurally, MnP shares similarities with LiP, but it differs in its manganese ion 
content, heme propionate, and side chains. Unlike other peroxidases, MnP exclusively relies on 
a one-electron oxidation mechanism involving Mn²⁺ as the primary substrate [120]. MnP 
requires an acidic pH range for optimal function. 
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In the first step of the catalytic cycle, hydrogen peroxide reacts with MnP in its Fe3+, leading 
to the formation of MnP compound I and the release of one water molecule (Figure 13B). In 
the second step, Mn2+ is oxidized to Mn3+ in the presence of chelators such as oxalate or 
malonate, forming MnP compound II. These chelators stabilize Mn3+ and enhance enzyme 
activity [121].  

The Mn3+ chelator acts as a diffusible oxidant for phenolic compounds, allowing oxidation 
to occur beyond the enzyme's active site. This oxidation process generates phenoxy radical 
intermediates, which subsequently lead to the cleavage of lignin bonds and the formation of 
various degradation products [111]. 

Lignin bioconversion 

The enzymatic cleavage of lignin’s complex structure enables its bioconversion into valuable 
products such as vanillin, cis,cis-muconic acid, microbial lipids, PHA, furfural, and other 
industrially relevant compounds [114, 122]. 

One of the most important products derived from lignin bioconversion is vanillin  
(4-hydroxy-3-methoxybenzaldehyde). Vanillin is widely used in the cosmetics, 
pharmaceutical, and food industries, as well as in battery technology [122, 123]  

Traditionally, vanillin is obtained from natural plant sources or synthesized chemically, but 
its biosynthesis from lignin offers a cleaner and more sustainable alternative. During lignin 
metabolism, vanillin can be released through depolymerization or synthesized from ferulic acid 
via microbial catalysis[124].  

Many microorganisms have demonstrated the ability to convert lignin into vanillin; however, 
the yields remain limited. Therefore, genetic modification is often required to optimize this 
bioconversion. Vanillin can be produced using various bacterial strains as well as fungi such as 
Phanerochaete chrysosporium [125].  

Cis, cis-muconic acid (Cis, cis-MA) is a dicarboxylic acid primarily used in the production 
of polymers, including nylon, polyurethane, and polyethylene terephthalate [114]. 
Conventionally, Cis, cis-MA is synthesized chemically from petroleum-based feedstocks. 
However, an environmentally friendly alternative involves lignin bioconversion via microbial 
catalysis. 

Lignin-derived aromatic compounds can be directly converted into Cis, cis-MA through 
microbial metabolism. Additionally, intermediates from glucose metabolism (e.g., 3-
dehydroshikimate) can be redirected toward Cis, cis-MA production through genetic 
modifications. The use of transgenic bacteria is often necessary to enhance this bioconversion 
process [126, 127]. 

Similarly, other dicarboxylic acids, such as pyridine-2,4-dicarboxylic acid and pyridine-2,5-
dicarboxylic acid, can be synthesized using engineered microorganisms [114].  

Lignin can also be bioconverted into microbial lipids, which are produced by oleaginous 
microorganisms through the catabolism of aromatic compounds. Specific fungi can convert 
lignin into fatty acids, including palmitic acid, oleic acid, and tetracosanoic acid [128–130]. 
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These microbial lipids have various applications, such as biodiesel production, which can also 
be achieved using bacterial strains capable of lignin metabolism [131–133]. 

Certain bacteria producing lignolytic enzymes can biotransform lignin into PHA via the  
β-ketoadipate pathway [134, 135]. Additionally, lactic acid can also be derived from lignin 
through microbial fermentation [136]. 

Furfural is another valuable product obtained from lignin bioconversion. It serves as a 
precursor for various industrial chemicals, including methylfuran, tetrahydrofuran, furfuryl 
alcohol, dihydropyran, furoic acid, and tetrahydrofurfuryl alcohol [122]. 

Lignin-carbohydrate complexes are also relevant in the bioethanol industry, where white-rot 
fungi are used in biomass pretreatment to enrich fermentable carbohydrate content. This process 
enhances sugar availability for microbial fermentation, improving bioethanol yields [137, 138]. 

Other aromatic compounds derived from lignin deconstruction, such as phenylpropanols and 
propylphenols, have limited direct applications [139]. However, they can be further converted 
into fundamental chemical industry feedstocks, including benzene, toluene, and xylene. 

Currently, the high production costs of lignin-derived aromatic compounds hinder their 
competitiveness with petroleum-based alternatives. However, process optimization could 
improve cost efficiency. For instance, combining lignin-derived benzene with bioethylene 
(which can be obtained from bioethanol) could enable biorefinery-based styrene production. 
Given that the global styrene market reached approximately $60 billion in 2024 [140], such 
advancements could significantly enhance the economic feasibility of lignin valorisation. 

2.8.2 Lignin nanoparticles 

The formation of spherical, well-defined lignin nanoparticles (LNP) addresses many of the 
limitations that hinder the efficient and widespread use of macromolecular lignin [141]. As a 
result, lignin nanoparticle production has become an intensely studied area over the past decade. 
Lignin particles are classified based on their size, with nanoparticles ranging from 1 to 100 nm, 
while submicron particles fall within the range of 100 to 1000 nm. 

Compared to macroscopic, irregular lignin particles, nanoparticles offer a well-defined 
morphology (Figure 14), allowing for better control over their properties, which is otherwise 
difficult to achieve with heterogeneous geometries [142]. One of the major breakthroughs in 
LNP production was the discovery that chemical derivatization of lignin is not necessary when 
an appropriate organic solvent system is available. The choice of solvent plays a crucial role in 
ensuring safety, recyclability, and economic feasibility. Furthermore, studies have confirmed 
that lignin nanoparticles do not exhibit cytotoxic effects, as demonstrated by both in vitro [143] 
and in vivo [144] experiments. 

The isolation of lignin nanoparticles and microparticles is generally less energy-intensive 
than conventional chemical synthesis processes [142]. This is primarily due to surface energy 
considerations, particularly when synthesis methods involve reactions with high enthalpy, such 
as covalent bond formation or reduction processes. The regularity of nanoparticle shape plays 
a crucial role in determining the behaviour of colloidal systems. Studies have shown that 
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morphology significantly influences key aspects such as flow properties, agglomeration 
tendencies, and packing efficiency, all of which are important for optimizing colloidal 
formulations and improving processability in various applications. 

 
Figure 14 Representation of the different shapes of LNP [145]. 

Preparation of lignin nanoparticles 
Methods for preparing nanoparticles can be categorized into two main approaches: dry and wet 
preparation. Dry spherical lignin particles can be obtained by controlled drying of lignin 
dissolved in a solution. One example is the method of controlled evaporation of atomized lignin 
droplets using an aerosol flow reactor [146]. In this approach, dissolved lignin is atomized into 
droplets and carried by a heated gas stream, leading to solvent evaporation. Once formed, the 
particles are cooled in an air stream and subsequently fractionated by size [147].  

Another method for producing dry lignin particles involves spray drying, which creates 
spherical particles from a concentrated colloidal lignin solution. However, the resulting 
particles typically have an average size of 230 nm [148]. In contrast to these methods, 
uncontrolled drying, such as using a hot air dryer, leads to the formation of irregular, 
aggregated, and heterogeneous microparticles. 

The second approach to preparing spherical nanoparticles involves wet methods, which are 
summarized in Figure 15. The most commonly used method is precipitation, where lignin is 
first dissolved in an organic solvent, such as tetrahydrofuran [149], dimethylsulfoxide [150], 
dimethylformamide [151] or acetone. Lignin is then precipitated by adding a non-solvent, 
typically water. In this non-solvent environment, lignin tends to form spherical particles to 
minimize its contact area with the surrounding solution. 

This process differs from lignin precipitation from black liquor by acidification, where 
protonation of charged groups prevents electrostatic stabilization, leading to cross-linking and 
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the formation of irregular structures [142]. In contrast, nanoprecipitation methods yield lignin 
nanoparticles that remain stable for several months. 

The morphology and structure of nanoparticles depend on multiple parameters, including 
the lignin type, its source, solvent properties, and nanoparticle formation conditions. Factors 
such as the rate of non-solvent addition, the method of mixing, final solvent concentration, and 
pH all influence the final particle characteristics [152]. 

The molecular weight of lignin also affects nanoparticle formation [153]. It is assumed that 

high-molecular-weight lignin molecules precipitate first, acting as nucleation sites onto 
which other molecules aggregate. The final nanoparticle surface is typically composed of low-
molecular-weight lignin fragments, often enriched with hydrophilic functional groups such as 
carboxyl or sulfonic groups [154]. 

Studies investigating the effect of solution pH on nanoparticle formation have shown that 
particle size decreases linearly with increasing pH from 3 to 6. This trend is expected, as the 
deprotonation of carboxyl groups increases surface charge, promoting electrostatic stabilization 
[155]. 

 
Figure 15 Overview of lignin nanoparticles preparatin method (LNP, Lignin nanoparticles) [145]. 
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A related technique, known as solvent exchange or solvent shift, involves dissolving lignin 
in an organic solvent and then precipitating it using a non-solvent, typically water [156]. Unlike 
the precipitation method, where a non-solvent is added to the lignin solution, in solvent 
exchange, dissolved lignin is placed in a dialysis membrane. Lignin nanoparticles then form 
slowly during the dialysis process. 

Lignin nanoparticles can also be prepared using ultrasound, which suspends lignin in an 
aqueous solution [157]. A key advantage of this method is that it eliminates the need for toxic 
organic solvents, making it more environmentally friendly. However, because ultrasound 
generates particles with broad size distributions, this method is not ideal. A modified approach 
combines ultrasound with the solvent exchange method, eliminating the need for dialysis while 
improving particle uniformity [158]. 

Another technique, interfacial crosslinking, involves emulsifying lignin, typically in an oil-
in-water system [159]. In this process, lignin is dispersed in the oil phase using ultrasound or 
vigorous mixing, and colloidal lignin particles are stabilized with a surfactant. The resulting 
microcapsules are then crosslinked using agents such as epichlorohydrin or 1,6-dibromohexane. 

Polymerization-based methods involve activating lignin’s functional groups, allowing it to 
react with targeted compounds to form copolymers. For example, 2-(dimethylamino)ethyl 
methacrylate has been used to produce amphiphilic copolymers with highly branched 
structures, featuring a hydrophobic main chain and cationic hydrophilic arms. These copolymer 
particles have been investigated for gene transfection applications [151, 160]. Similarly, 
electrospinning has been employed to produce microfibrils from lignin and poly(methyl 
methacrylate) [161]. 

Lignin nanoparticles can also be obtained via microbial degradation. Enzymes or 
microorganisms, such as bacteria and fungi, can break down lignin into nanoparticles. One 
approach involves treating lignocellulosic material with a mixture of cellulases and pectinases, 
yielding cuboidal particles ranging from 20 to 100 nm in size [162]. Another study 
demonstrated the degradation of coconut fibers by the fungus Aspergillus, successfully 
producing nanoparticles with an average size of 200 nm [163]. Similar results were obtained 
using laccase enzymes from Trametes hirsuta and Melanocarpus albomyces, which facilitated 
the preparation of Kraft lignin nanoparticles stabilized through surface and intraparticle 
crosslinking. 

Emerging Applications of Lignin Nanoparticles  

The application of LNP is a relatively recent area of research that has received growing attention 
due to their versatility and sustainability. Several comprehensive reviews have addressed LNP, 
highlighting their broad application potential and the prospects of lignin as a high-value 
renewable material [145, 164–168]. Lignin offers numerous advantages for industrial 
applications due to its low toxicity, adaptability and abundance. Its key benefits include wide 
availability, cost-effectiveness, and alignment with the growing demand for biologically based 
and sustainable materials. The general applications of LNP are summarized in Figure 16. 
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Figure 16 Overview of various applications of lignin nanoparticles (LNP) [167]. 

LNP are being intensively studied for biomedical applications, where their antioxidant 
properties and ability to encapsulate a range of active compounds make them particularly 
attractive. Among the most promising uses is drug delivery [169–171], in which LNP can 
protect therapeutic agents and enable their controlled release. Typically, hydrophobic 
compounds are encapsulated within the hydrophilic shell of LNP [172, 173]. Beyond drug 
delivery, LNP also exhibit antimicrobial [174, 175] and anti-inflammatory properties [176], 
supporting their use in wound healing [177], and tissue engineering [178]. Their natural origin 
and modifiable surface chemistry enable further functionalization for targeted delivery or 
enhanced bioactivity. Together, these properties make LNP a sustainable and versatile platform 
for developing advanced medical materials. 

Another potential application of LNP is enzyme immobilization, where they serve as solid, 
insoluble support matrices for enzymes [179]. The use of free enzymes in continuous industrial 
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processes often results in poor stability, reusability, and efficiency. Immobilization helps 
overcome these limitations by enhancing enzyme stability and performance. LNP offer 
advantages such as high surface area, strong adsorption, and the presence of various functional 
groups that enable multi-site enzyme attachment, improving catalytic activity [180]. Due to 
their biocompatibility and versatility, lignin-based supports are particularly attractive for 
enzyme immobilization. 

Several immobilization strategies have been applied with LNP, including adsorption, 
entrapment, cross-linking, and layer-by-layer (LBL) strategy [181]. A range of enzymes, such 
as lipase [182, 183], phospholipase D [184], tyrosinase [185], laccase [186],glucose oxidase 
and horseradish peroxidase [187], have been successfully immobilized using LNP. These 
systems also show potential for biosensor development. 

LNP are also under investigation in sustainable agriculture, particularly as carriers in nano-
fertilizers [188]. They may serve as renewable, slow-release carriers for nutrients. [189], as well 
as delivery systems for nano-biocides and nano-pesticides. LNP have been used for the gradual 
release of essential oils with biocidal activity [190]. which could reduce the reliance on 
conventional fertilizers and pesticides and mitigate their environmental impacts in intensive 
farming. 

Environmental decontamination is another relevant application. LNP can be employed in the 
fabrication of absorbents for capturing hazardous compounds such as heavy metals from 
wastewater [191, 192] or for the removal of dye pollutants [193, 194]. 

2.9 Lignin and polyhydroxyalaknoates 

Polyhydroxyalkanoates are a group of microbial biopolymers produced by specific strains of 
bacteria. These are polyesters accumulated in the form of intracellular granules when in the 
presence of an excess of carbon and other nutrients deficient conditions. The primary biological 
function of PHA is the storage of carbon and energy [195]. 

The advantage of polyhydroxylacanoates lies, among other things, in their diversity of 
structure, which results in different properties of the resulting materials and consequently 
different possibilities of use. In general, however, PHA are biobased, biodegradable, 
biocompatible, gas barrier and have hydrophobic character. These unique properties also imply 
a variety of applications, including disposable bioplastics, animal feed, biofuels, 3D printing 
and smart materials usages, as well as biomedical applications specially tissue engineering 
[196, 197].  

PHAs are associated take with some obstacles, which is necessary to overcome, these being 
limited solubility where toxic halogenated solvents dominate or the poor mechanical properties 
of P3HB, the basic representative of PHA. For high-value applications, PHA can be modified 
using a variety of strategies (Figure 17). These are mainly chemically based modifications such 
as grafting [198, 199] even directly using lignin [200], epoxidation [201, 202] and others. The 
second group is biological modification, which mainly focuses on modifying the structure of 
produced PHA by changing the culture medium, either by feeding the culture with functional 
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group containing substrates or co-adding two substrates in culture medium. By these methods 
and of course by using recombinant strains, it is possible to produce a variety of copolymers 
such as poly-3-hydroxybutyrate-co-3-hydroxyvalerate (PHBV) [203, 204], poly-3-
hydroxybutyrate-co-3-hydroxyhexanoate (PHBH) [205–207], poly-3-hydroxybutyrate-co-4-
hydroxybutyrate (P3HB-co-4HB) [208, 209], which have very interesting properties. 

 
Figure 17 Comprehensive scheme of PHA modification approaches [210]. 

Last but not least, it is possible to use physical modifications to modify the properties of 
PHA, which include blending PHA with other polymers and substances. This category also 
includes PHA blending with lignin and lignocellulose materials. Thanks to intra- and 
intermolecular hydrogen bonds in lignin contributes to its thermoplastic characteristics, good 
thermal stability, and the ability to act as a thermoset substance at high temperatures [211]. 

A frequently used method for blending PHA with lignin is extrusion [93, 212–216]. The 
advantage of this method is mainly the avoidance of toxic solvents that are used to dissolve 
PHA, but again care must be taken with the thermal degradation of PHA. Using extrusion, it 
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has been possible to prepare a compostable material of lignin and PHA improve thermostability 
[93, 212], and even extruded filaments have been used for 3D printing [214]. However, it has 
also been described that mixtures containing more than 50% lignin were already very brittle 
[214, 217], on the other hand, it should be noted that the combination of PHA with 50% lignin 
is very high compared to other methods. Furthermore, the biodegradability was reduced [213], 
since lignin is a very complex compound, and its biodegradation is possible only with 
ligninolytic enzymes.  

Another possible method of blending PHA with lignin is solution casting [90, 218, 219]. 
Using this method, thin films can be prepared by evaporating the solvent. It was described that 
the resulting material had improved thermal, mechanical and gas barrier properties, have 
antioxidant activity and UV shielding properties due to the presence of lignin. 

A thin composite film of PHA and lignin can be prepared by hot pressing [220]. P3HB has 
a high degree of crystallinity, and it has been shown that lignin in P3HB blends, prevents the 
formation of massive PHB spherulitic crystallites, hence inhibiting secondary crystallization. 
Lignin enhances the formation rate and number of PHB spherulites while decreasing their size. 

Another method described for processing is the Pickering emulsion approach [221]. Using 
it, it was possible to create an emulsion of LNP in water phase and P3HB dissolved in 
chloroform (water phase). Using hot compression, it was then possible to prepare thin films 
which, thanks to the lignin, showed no light transmission in the UV region, i.e. protection 
against light radiation was achieved. Furthermore, the material showed a widened melt-
processing window which could help for the processing of P3HB. 
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3. AIMS 

This PhD thesis explores various aspects of lignin processing, modification, and application. 
The research is based on four central hypotheses and focuses on the following objectives. 

1) Hypothesis: Lignin isolated from plant seeds using soda pulping exhibits high 
antioxidant properties.  

• Aim: To determine the antioxidant properties of lignin from agricultural waste, 
specifically grape seeds, rose hip seeds, plum shells, and cherry shells, and 
compare them with industrial lignin. Subsequently, the aim is to evaluate the 
impact of lignin on thermal and mechanical properties of polyhydroxyalkanoates 
(PHA) when used as an active green additive. 

2) Hypothesis: Enzymatic modification of lignin alters the molecular weight and 
dispersity of lignin, potentially influencing its antioxidant and antimicrobial properties. 

• Aim: To measure the changes in molecular weight and dispersity of lignin 
modified using the fungi Fomitopsis pinicola, Lenzites betulina, and 
Phanerochaete chrysosporium, and to assess the resulting antioxidant and 
antimicrobial properties.  

3) Hypothesis: Derivatizing lignin into nanoparticles enhances its applicability in various 
fields.  

• Aim: To evaluate the impact of different solvent systems and their combinations 
on the formation of lignin nanoparticles, and to characterize the nanoparticles 
with a focus on their antioxidant and antimicrobial properties. 

4) Hypothesis: Lignin nanoparticles can form thin films suitable for surface modification 
of various materials.  

• Aim: To systematically evaluate the adhesion properties of lignin based 
nanoparticles with polyelectrolytes on gold. The aim is to prepare lignin-based 
thin films with antioxidant and antimicrobial activities. 
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4. EXPERIMENTAL SECTION 

4.1 Materials 

4.1.1 Chemicals 

Sodium hydroxide (Lach-ner, Czech Republic) 

Viscozyme® L (Sigma Aldrich, Germany) 

HCl 37% (Lach-ner, Czech Republic) 

Ethanol UV-VIS, (Lach-ner, Czech Republic) 

Dimethyl sulfoxide 99.9 % (Carl Roth GmbH, Germany) 

ABTS, (2,20-azino-bis(ethylbenzthiazoline-6-sulfonic acid) (Sigma Aldrich, Germany) 

Trolox (6-hydroxy-2,5,7,8-tetramethylchroman-2-carboxyl acid) (Sigma Aldrich, Germany) 

Folin-Ciocalteu reagent (Penta, Czech Republic) 

Galic acid monohydrate (Loba biotech GmbH, Austria) 

n-hexane 99 % (Carl Roth GmbH, Germany). 

Na2CO3 anhydrous (Lach-ner, Czech Republic) 

LiBr (Carl Roth GmbH, Germany) 

KBr (Carl Roth GmbH, Germany) 

Ammonium acetate (Thermo Fisher Scientific, USA)  

Potassium sodium tartrate (Lach-ner, Czech Republic) 

Glucose (Lach-ner, Czech Republic) 

Ammonium tartrate (Lach-ner, Czech Republic) 

Thiamine (Alfa Aesar GmbH, Germany) 

KH2PO4 (Lach-ner, Czech Republic) 

CoCl2·6 H2O (Lach-ner, Czech Republic) 

CaCl2 (Lach-ner, Czech Republic) 

NaCl (Lach-ner, Czech Republic) 

MgSO4·7 H2O (Lach-ner, Czech Republic) 

MnSO4·H2O (Lach-ner, Czech Republic) 

FeSO4·7 H2O (Lach-ner, Czech Republic) 

ZnSO4·7 H2O (Lach-ner, Czech Republic) 

CuSO4·5 H2O (Lach-ner, Czech Republic) 
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H3BO3 (Lach-ner, Czech Republic) 

H2O2 30% p.a. (Lach-ner, Czech Republic) 

Malt extract (Carl Roth GmbH, Germany) 

Potato dextrose broth (HiMedia, India) 

Nutrient broth with 1% Peptone (HiMedia, India) 

2,6-dimethoxyphenol (DMP) (Merck Life Science, Germany) 

Veratryl alcohol (Merck Life Science, Germany) 

Ethylenediaminetetraacetic acid (EDTA) (Lachn-ner, Czech Republic)  

Malonic acid (Riedel de Haën, Germany) 

Poly(allylamine hydrochloride) (PAH) Mw 50,000 g·mol-1, lot #283223 (Sigma Aldrich, 
Germany) 

Poly-L-lysine (PLL) 0.1 % (w/v) solution, lot #P8920 (Sigma Aldrich, Germany) 

Poly(diallyldimethylammonium chloride) (PDM) Mw 200,000-350,000 g·mol-1, lot #409022, 
(Sigma Aldrich, Germany) 

Polyethyleneimine (PEI) ethoxylated solution lot #423475 (Sigma Aldrich, Germany) 

Lignin Alkali 471003 (Merck Life Science, Germany) 

Lignin Organosolv (Reference sample) 

Lignin Indulin AT (Ingevity, USA) 

Poly-3-hydroxybutyrate (P3HB) EDW 2394 (TianAn, China) 

Poly-3hydroxy-co-4-hydroxybutyrate (P3HB-co-4HB), (Yield10 Bioscience, USA) 

Tetracycline hydrochloride, Code No: BIT0150 (Apollo Scientific, United Kingdom) 

4.1.2 Biological sources 

Plant raw materials 

• Grape pomace (Vitis vinifera) variety Sauvignon Blanc harvested at autumn 2018, 
Mikulov region 

• Rose hip (Rosa canina) harvested at autumn 2021, Blansko region 

• Cherry stones (Prunus avium) harvested at autumn 2022, Blansko region 

• Plum stones (Prunus domestica) harvested at autumn 2021, Kroměříž region 
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Microorganisms 

• Escherichia coli (CCM 7395) 

• Micrococcus luteus (CCM 1569) 

• Serratia marcescens (CCM 8587) 

• Fomitopsis pinicola (DSM 3521) 

• Lenzites betulina (DSM 4954)  

• Phanerochaete chrysosporium (CCM 8074) 

4.1.3 Equipment 

Hydrothermal Autoclave (ENSECO s.r.o., Slovakia) 

Spectrum™ Labs Spectra/Por™ 1 6-8 kD MWCO (Spectrum Chemical Mfg. Corp., USA) 

Gerhardt Soxtherm, SOX 412 (C. Gerhardt GMBH & CO. KG, Germany) 

Chamber furnace LE 05/11 (LAC, Czech Republic) 

Nicolet iS5 spectrometer (Thermo Fisher Scientific, USA) 

Programmable rotator Biosan Multi Bio RS-24 (Biosan SIA, Latvia) 

Elemental analyzer Euro Vector 3000 (EuroVector, Italy) 

ELISA reader BioTek Elx808 (BioTek, USA) 

Centrifuge Z 32 HK (HERE Labortechnik GmbH, Germany) 

Zetasizer Ultra (Malvern Pananalytical Ltd, UK) 

Quartz Crystal Microbalance E4 (Q-Sense, Sweden) 

Tosca™ 400 atomic force microscope (Anton Paar, Austria) 

Drop shape analyzer DSA100 (Krüss GmbH, Germany) 

RSA-G2 Solids Analyzer (TA Instruments, USA) 

TGA Q50 (TA Instruments, USA) 

DSC Q2000 (TA Instruments, USA) 

BET Surface area analyzer NOVA 2200e (Quantachrome Instruments, USA) 

UV-VIS Spectrophotometer U-3900H (Hitachi, Japan) 

Laboratory vibrating mill (Okresní podnik služeb Přerov, Czechoslovakia) 

Polaron SC 7640 sputter coater (Laughton, United Kingdom) 

JEOL JSM-7600 Field-Emission Scanning Electron Microscope (Akishima, Japan) 
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4.2 Lignin isolation and characterisation 

4.2.1 Fractionation of fruit seeds 

Pretreatment 

The study utilized grape and rose hip seeds as well as plum and cherry stones, as specified in 
Section (4.1.2). Grape and rose hip seeds were separated from dried grape pomace and rose 
hips, which were dried at 40 °C for 5 days, and then ground using a vibrating mill. Plum and 
cherry stones were carefully broken with a hammer to avoid damaging the seeds contained 
inside. The seeds were then manually separated, and the remaining stone material was ground 
using a vibrating mill.  

Oil extraction was performed using n-hexane in a Soxtherm extraction system at 180 °C for 
3 hours. To remove soluble carbohydrates, as well as portion cellulose and hemicellulose, an 
enzymatic treatment with Viscozyme was applied. Specifically, 1 mL of Viscozyme was added 
per 100 g of defatted raw material in 1000 mL of distilled water, and the mixture was stirred at 
37 °C for 24 hours [222]. The resulting mixture was then filtered, washed with distilled water, 
and the solid phase obtained was subsequently dried at 50 °C overnight.  

Lignin extraction 

The isolation process was adapted from the biorefinery soda pulping method [223] and 
gradually improved. Initially, the isolation was carried out using a reflux apparatus in an oil 
bath. Later, a hydrothermal autoclave was employed to enhance the process. 

The isolation process was carried out using the following protocol (Figure 18). The dried 
material was placed in the hydrothermal autoclave and 1.5 M NaOH solution was added (15 mL 
per 1 g). The autoclave was heated to 121 °C per 1 hour, then cooled. The slurry was filtered 
through a Büchner funnel and washed with distilled water. The solid fraction was returned to 
the autoclave along with a 1.1 M NaOH solution in the same ration. The autoclave was then 
heated to 155 °C for 1.5 hours and cooled again. The resulting solution was again filtered under 
reduced pressure and washed with distilled water. Lignin was precipitated from the liquid phase 
by heated to 50 °C and concentrated HCl was added slowly dropwise with constant stirring 
until the pH reached neutrality. The solution was then transferred to an ice bath, where HCl was 
added dropwise until pH reached 2. The precipitated lignin was separated by centrifugation, 
washed multiple times with distilled water, and further purified by dialysis in a Spectra/Por® 1 
tubing with a MWCO of 6–8 kDa against distilled water for 4 days. The final product was then 
freeze-dried.  

Klason Lignin 

Klason lignin method was used to characterize the biological lignin sources and to compare 
their yields [224]. 
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Figure 18 Lignin isolation process. Schematic representation of the lignin isolation process using grape 
seeds as an example.  

4.2.2 Lignin characterisation 

FT-IR 

FT-IR spectroscopy was used to determine the presence of the functional groups employing a 
Nicolet iS5 spectrometer. The FT-IR spectra were recorded using KBr tablets in the range of 
4000-400 cm−1, at 4 cm−1 resolutions, using 64 scans. KBr tablets were prepared using a solid 
mixture of 1.5 wt% of dry samples and KBr in a Lab Tools press at a pressure of up to 10 MPa. 
The KBr infrared grade spectrum was used as the background for DRIFT (Diffuse Reflectance 
Infrared Fourier Transform Spectroscopy) measurement. The raw absorption DRIFT spectrum 
was evaluated without artificial processing. 

Elemental composition 

The elemental composition was determined using a CHNS analyser (Euro Vector 3000) with a 
combustion program set to 980 °C. Pure oxygen was used as the combustion gas, and pure 
helium served as the carrier gas [68]. The resulting gaseous products (N2, CO2, H2O, and SO2) 
were detected by a thermal conductivity detector. A reference standard sample, sulfanilamide, 
was used for calibration. The oxygen content was calculated by difference, and the values were 
corrected for ash and moisture content. 
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Antioxidant Activity 

The antioxidant activity of lignin samples was assessed using the ABTS·+ radical decolorization 
assay, commonly referred to as the Trolox Equivalent Antioxidant Capacity (TEAC) method. 
Trolox (6-hydroxy-2,5,7,8-tetramethylchroman-2-carboxylic acid) served as the standard, and 
results were expressed in milligrams of Trolox equivalents per gram of lignin [51]. The reaction 
mixture consisted of 1 mL of ABTS·+ radical solution and 10 μL of lignin sample dissolved in 
0.1% (w/v) DMSO. Absorbance was measured at 734 nm at the start of the reaction (A₀) and 
after 10 minutes (A₁₀). 

Total Phenolic Content 

The total phenolic content (TPC) of lignin samples was determined using the Folin–Ciocalteu 
spectrophotometric method. Samples were dissolved in 0.1% (w/v) DMSO, and the TPC was 
expressed as gallic acid equivalents (mg GAE per g lignin) [55]. During the reaction, 
polyphenols in the sample were oxidized by the F–C reagent in an alkaline environment, 
forming a blue complex. The intensity of this complex was quantified spectrophotometrically 
at 750 nm [225]. 

Molecular weight 

The molecular weight and polydispersity of lignin samples were determined using size 
exclusion chromatography (SEC, Infinity 1260, Agilent Technologies) coupled with multi-
angle laser light scattering (Dawn Heleos II, Wyatt Technology) and a differential refractometer 
(Optilab T-rEX, Wyatt Technology). Lignin samples were dissolved in 0.2% (w/v) DMSO with 
0.1% LiBr to minimize sample aggregation. The solutions were filtered through a nylon syringe 
filter (pore size 0.45 μm) before analysis, with no further treatment [226]. 

Solubility 

Solubility was also expressed using Hansen solubility parameters (HSP) [227]. Lignin samples 
were subjected to analysis using 29 solvents, in concentration 1 g·L-1 of lignin samples. The 
mixture was shaken for 24 hours at room temperature using Biosan multirotator and 
subsequently classified by visual inspection into “good” or “bad” solvents. Obtained data were 
filled into spreadsheet developed and described by Ríos and Ramos [228]. This useful tool was 
used to calculate Hansen parameters of lignin samples and necessary to create a graphical 
treatment in the form of Hansen spheres. A very useful tool of this spreadsheet is the solvent 
blends calculator, which can estimate whether the tested mixture of solvents can dissolve the 
given sample and, above all, propose the optimal ratio of solvent blends. 

For selected lignin samples, solubility was also determined quantitatively. A 50 g·L⁻¹ sample 
was prepared using a specific solvent and stirred with a magnetic stirrer at room temperature 
for 24 hours. The solution was then filtered under reduced pressure using filter paper with a 
particle retention range of 2–3 µm. The volume of the filtrate was recorded. Solution was 
evaporated, dried, and weighed. The solubility was expressed as a percentage of the solute 
dissolve in a given volume of solvent according to equation (1): 
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Where ms is original sample weight and mf is weight of dried filtrate. 

Nuclear magnetic resonance 

High-resolution Nuclear magnetic resonance (NMR) spectra were obtained using a Bruker 
Avance III HD spectrometer equipped with a 5 mm cryoprobe operating at 14 T and maintained 
at 40 °C in deuterated dimethyl sulfoxide (DMSO-d6). Proton and carbon chemical shifts were 
referenced to tetramethylsilane. One-dimensional 1H (600 MHz) and 13C (150 MHz) NMR 
spectra as well as two-dimensional 1H-13C heteronuclear single quantum coherence (HSQC) 
spectra were recorded to assign 1H and 13C chemical shifts. HSQC spectra were acquired with 
a spectral width of 0–12 ppm 1H and 0–210 ppm 13C, using 2048 points in F2 dimension, and 
256 increments in F1 (zero-filled to 4K x 1K points) with 128 transients. Data were processed 
using Bruker and MestReNova software, and chemical shifts (δ) are reported in parts per million 
(ppm). 

4.3 Polyhydroxyalkanoates solid blocks 

4.3.1 Preparation of PHA solid blocks 

PHA solid blocks were prepared from P3HB and blend of P3HB and P3HB-co-4HB in ration 
1:1. A specific PHA was dissolved in DMSO at a concentration of 5–10 wt% at temperature 
115 °C and continuously stirred.  

The resulting solution was poured into a Petri dish and allowed to cool and solidify over two 
days. Subsequently, the solidified block underwent solvent exchange with distilled water, with 
the water replaced twice daily for 4 days. Afterward, the solid block was lyophilized to obtain 
the final product. 

Optionally, lignin (dissolved in DMSO at 20 wt%) and mixed bacterial cellulose (50 wt%) 
according to the described procedure [229] were added to the hot PHA solution. Note that the 
biotechnological production of bacterial cellulose was beyond the scope of this thesis. 

4.3.2 Characterisation of PHA solid blocks 

Mechanical properties 

The mechanical properties of the material were evaluated using dynamic mechanical analysis 
(DMA). This technique monitors the viscoelastic response of a material subjected to oscillatory 
stress. The method separates the viscoelastic response into two components of the complex 
modulus of elasticity (E*): storage modulus (E′) and the loss modulus (E′′), such that 
(equation (2): 

 E∗ = E$ + iE′′ (2) 
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The modulus of elasticity is determined from deformation curves in the region where the 
stress (σ) exhibits a linear dependence on strain (ε). In this region, Hooke's law applies, which 
states that deformation is directly proportional to the applied stress (equation (3) 

 j = k ∙ l → k =
l
j

 (3) 

 Hooke's law describes the elastic deformation of materials under small forces, where the 
deformation is reversible once the load is removed. 

The measurements were conducted in a three-point bending mode, which is suitable for stiff 
materials. This mode was selected due to the material's characteristics and the practical 
limitations of clamping in other measurement modes. 

To identify the material’s linear viscoelastic (LVE) range (Figure 19A), an amplitude sweep 
test was performed as the initial step. This test is crucial for determining the range within which 
primarily elastic (reversible) deformation occurs, ensuring Hooke’s law is applicable. During 
the test, a very low strain is applied, which is gradually increased (Figure 19B) [230]. At low 
strain levels the storage and loss moduli E′ and E′′ exhibit constant values, indicating the LVE 
plateau. The LVE range is particularly relevant as it allows for the accurate determination of 
mechanical properties without compromising the sample's structural integrity. 

 
Figure 19 Amplitude sweep test. Linear viscoaleastic range of E′ and E′′ in the low stress region 
(A) and applied stress profile during the test (B). LVE range – Linear viscoelastic range. 

Amplitude sweep tests were conducted at a constant temperature (26 °C) and frequency, 
varying the applied strain amplitude within the range of 1·10−3% to 1%. The geometry span for 
the three-point bending was chosen 25 mm, and the samples, with dimensions of 
31 mm × 5.9 mm × 1–2 mm, were stamped using a punch and press (Figure 20). 

 
Figure 20 Stamped test specimen of P3HB for DMA on graph paper 
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Following the amplitude sweep, a time-dependent measurement was conducted. Samples 
were exposed to the selected strain for 5 minutes to evaluate whether irreversible deformations 
occurred over time. 

Thermogravimetry 

Thermogravimetric analysis (TGA) experiments were performed by TGA Q50 (TA 
Instruments, USA) by the non-isothermal method. Approximately 5 mg of the sample was 
sealed in an aluminium pan and heated from 25 °C to 400 °C with a heating rate of  
10 °C·min-1 with an airflow of 30 mL·min-1. 

Differential scanning calorimetry 

DSC experiments were performed using a DSC Q2000 under a nitrogen atmosphere to prevent 
oxidative degradation. The calibration performed using high-purity indium. Samples of about 
10 mg were hermetically sealed in aluminium pans. Thermal transitions and the material's 
response to temperature changes were investigated using a non-isothermal protocol [231]. The 
experiments involved a three-step heating and cooling cycle with a heating/cooling rate of 
10 °C·min⁻¹and a nitrogen gas flow of 60 mL·min-1: 

First heating from 25 °C to 190 °C  

Isothermal hold for 1 min 

Cooling from 190 °C to -40 °C  

Isothermal hold for 1 min 

Second heating from -40 °C to 190 °C 

Melting temperature (Tm) and enthalpy of melting (ΔHm) were determined from the 
endothermic peaks. The crystallization temperature (Tc) and enthalpy of crystallization (ΔHc) 
were measured from the exothermic peak during the cooling cycle. 

Scanning electron microscopy 

The micromorphology of PHA solid blocks was examined using a JEOL JSM-7600 Field-
Emission Scanning Electron Microscope. Prior to imaging, samples were coated with gold 
using a Polaron SC 7640 sputter coater. Images were captured at an accelerating voltage of 
1 kV and a magnification of 15,000×. 

Specific surface area 

Measurements were conducted on a NOVA 2200e analyser. The specific surface area (SBET), 
pore volume (Vp), and pore size distribution of freeze-dried samples were analysed through 
nitrogen adsorption–desorption using the Brunauer–Emmett–Teller (BET) method. 
Measurements were conducted on a NOVA 2200e analyser. Prior to analysis, the samples were 
degassed at 50 °C for 24 hours. 



46 

 

Density 

Density of cryogels were analysed by pycnometer standard method ASTM D792-98, Method 
B. The density was calculated using equation (4): 

 n% =
f%
o%

=
f%

f&!' −f′&!'
n&!'

			 (4) 

Where ρs is density of measured sample, Vs is volume of measured solid object, ms is weight 
of measured sample, m&!' is weight of water in pycnometer without sample and m′&!' is 
weight of water in pycnometer when sample is inside.  

Water contact angle 

The wettability of the cryogels was investigated by determining the static water contact angle 
(WCA) using the sessile drop method with a drop shape analyser Krüss DSA100. For each 
measurement, a droplet of deionized water (~2.3 μL) was deposited onto the surface, and 
images were recorded for 1 minute and averaged.  

Antioxidant properties  

The antioxidant properties of PHA gryogels were analysed using the ABTS·+ radical 
scavenging assay, as described in Chapter 4.2.2 with minor modifications. Approximately 
25 mg of sample was immersed in 3 mL of ABTS·+ radical solution, and absorbance was 
recorded after 10 minutes.  

4.4 Lignin nanoparticles 

4.4.1 Preparation lignin nanoparticles 

Colloidal lignin nanoparticles were prepared following a previously described antisolvent 
precipitation method [149]. Lignin powder was dissolved in an organic solvent or solvent 
mixture overnight. The solution was filtered through a syringe filter with a 0.45 μm nylon 
membrane to remove insoluble components.  

The filtered lignin solution was rapidly poured into vigorously stirred deionized water 
(750 rpm), inducing precipitation and the formation of LNPs. The volume of water was selected 
so that, after adding the lignin solution, the water-to-organic solvent ratio in the final mixture 
was 75:25. The resulting dispersion was purified by dialysis for 4 days using Spectra/Por® 1 
tubing (MWCO 6–8 kDa) against deionized water. 

4.4.2 Properties of lining nanoparticles 

Dynamic light scattering and zeta potential 

The particle size distribution, Z-average particle sizes, polydispersity, and zeta potential of LNP 
were determined using a Malvern Pananalytical Zetasizer Ultra, employing dynamic and 
electrophoretic light scattering. Measurements were conducted at a laboratory temperature 
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(25.0 ± 0.1 °C). All reported data represent the average values from three independent 
experiments. 

Stability assessment 

The stability of LNP was evaluated by measuring the Z-average particle size and zeta potential 
at regular intervals over 40 days. Additionally, the effect of pH on nanoparticle aggregation 
was investigated. 

Scanning electron microscopy 

The micromorphology of LNP was examined using a JEOL JSM-7600 Field-Emission 
Scanning Electron Microscope (FESEM). A dispersion of LNP at a concentration of 
approximately 1 g·L-1 was deposited onto a silicon wafer and allowed to air-dry at room 
temperature. Images were captured with an accelerating voltage of 5 kV and a magnification of 
50,000×. 

Antimicrobial, antioxidant activity and TPC 

The antibacterial activity of lignin was tested against the Gram-positive bacterium Micrococcus 
luteus and the Gram-negative bacterium Escherichia coli, both obtained from the Czech 
Collection of Microorganisms (Masaryk University, Brno, Czechia). Bacterial cultures were 
grown in Nutrient Broth supplemented with 1% peptone (Table 3) under sterile conditions. 

Table 3 Nutrient Broth composition 

Peptone 10 g·L-1 
Beef extract 10 g·L-1 
NaCl 5 g·L-1 

Inhibition of bacterial growth in case of lignin samples was monitored through the broth 
dilution method by measuring the turbidity at 630 nm. In the beginning of each trial, the 
inoculums were diluted to final absorbance 0.1. 50 µL of the lignin sample was added to 150 µL 
of diluted bacterial suspension in suitable growth medium to the wells of a sterile 96-well 
microtiter plate. The turbidity change was analysed at 0 and 24 hours, using ELISA reader 
BioTek Elx808 (BioTek, USA). Diluted inoculum with the addition of 50 µL of distilled water 
was used as a blank. Plates were incubated at the optimal temperatures for bacterial growth. 

Antioxidant activity and TPC of LNP were determined following the protocol described in 
chapter 4.2.2. 

4.5 Biotechnological lignin modification  

4.5.1 Fungi cultivation 

The typical submerged batch cultivation for lignin modification by the studied fungi was carried 
out in 100–500 mL Erlenmeyer flasks, with a cultivation medium volume of 50–250 mL. 
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Fomitopsis pinicola was cultivated at 25 °C, Lenzites betulina at 30 °C, and Phanerochaete 
chrysosporium at 32 °C. Various media suitable for each microorganism were tested as 
production media (Table 4), with thiamine added aseptically after sterilization. The detailed 
compositions of Mineral medium I and II are described in tables 5–8. Malt extract and Potato 
dextrose broth were enriched with thiamine at a concentration of 0.1 g·L-1. The static 
cultivations were carried out for 14 or 30 days, during which, or at the end of the cultivation 
period, samples were collected to determine enzyme activity. 

Table 4 Overview of cultivation media for fungi 

Microorganism Cultivation medium 
Fomitopsis pinicola  Mineral medium I 
 Malt extract 
Lenzites betulina  Mineral medium I 
 Potato dextrose broth 
Phanerochaete chrysosporium  Mineral medium II 

Table 5 Mineral medium I [232] 

Glucose  10.00 g / 5.00 g 
Ammonium tartrate 0.53 g 
Thiamine 0.10 g 
KH2PO4 7.23 g 
MgSO4·7H2O 4.97 g 
CaCl2 0.36 g 
NaCl 0.22 g 
MnSO4·H2O 0.13 g 
CoCl2·6H2O 0.04 g 
FeSO4·7H2O 0.22 g 
ZnSO4·7H2O 0.02 g 
CuSO4·5H2O 0.03 g 
H3BO3 0.02 g 
Water 1000 mL 

 

Table 6 Mineral medium II [233] 

Basal III medium  100 mL 
Trace element solution 60 mL 
Water 840 mL 
Glucose 10 g 
Thiamin  0.1000 g 
Ammonium acetate 0.1542 g 
Potassium sodium tartrate 0.2363 g 

 

Table 7 Basal III medium [233] 

Trace element solution 100 mL 
KH2PO4 20 g 
MgSO4 5 g 
CaCl2 1 g 
Water 900 mL 
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Table 8 Trace element solution [233] 

MgSO4 3 g 
MnSO4 0.5 g 
NaCl  1 g 
FeSO4·7H2O  0.1 g 
CoCl2 0.1 g 

 
ZnSO4·7H2O 0.1 g 
CuSO4 0.1 g 
H3BO3 10 mg 
Water 1000 mL 

 

4.5.2 Enzymatic activity assay 

During cultivation, samples were taken daily, and the activity of lignolytic enzymes was 
determined. The collected samples were centrifuged for 10 minutes at 15,650 rcf and 4 °C. The 
resulting supernatant was used for the spectrophotometric determination of enzyme 
activity [234]. Changes in absorbance were recorded at 1-minute intervals during the 
measurement. Enzyme activity was defined as the amount of enzyme catalysing substrate 
conversion, indicated by an increase in absorbance over time, and was calculated using  
equation (5). 

 kq =
∆q
l · ^

·
o(
o)
·
1
b
· 10* (5) 

Where   EA enzyme activity (μmol·min-1·L-1; U·L-1) 
ΔA change in absorbance during measurement (-) 

  ε molar absorptivity (L·mol-1·cm-1) 
  l cuvette thickness (1 cm) 
  Vt total volume in the cuvette (μl) 
  Ve volume of enzyme in the reaction mixture (μl) 

   t time of reaction (min) 

Laccase activity 

Laccase activity was measured using ABTS as the substrate [235]. The measurement was 
monitored at 415 nm. The reaction mixture consisted of 900 μL of 0.1 M sodium acetate buffer 
(pH 4.5), 50 μL of supernatant and 50 μL of 10 mM ABTS. The reaction was initiated by 
adding the substrate. The extinction coefficient (ε = 36000 L·mol-1·cm-1) was used for activity 
calculation. 

Lignin peroxidase activity 

Lignin peroxidase activity was determined using veratryl alcohol as the substrate [236]. The 
reaction was monitored at 310 nm. The reaction mixture consisted of 775 μL of 100 mM tartrate 
buffer (pH 3), 50 μL of 54 mM H2O2, 150 μL of supernatant, and 25 μL of 25 mM veratryl 
alcohol. The reaction was initiated by adding veratryl alcohol. The extinction coefficient 
(ε = 9300 L·mol-1·cm-1) was used for activity calculation. 
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Manganese-dependent peroxidase activity 

The activity of manganese peroxidase was determined using 2,6-dimethoxyphenol (DMP) as 
the substrate [237]. The reaction was monitored at 469 nm. Two different reaction mixtures 
were prepared for the assay (Table 9), and the reaction was initiated by the addition of DMP. 
The enzyme activity was calculated as the difference in activity between mixtures I and II, using 
equation (5) and an extinction coefficient (ε = 49,600 L·mol-1·cm-1) [238]. 

Table 9 MnP assay reaction Mixture Components 
Reaction mixture I (μl) II (μl) 

65.8 mM malonate buffer (pH 4.5)  760 760 
10 mM H2O2  40 40 
20 mM MnSO4  50 - 
20 mM EDTA  - 50 
Supernatant  100 100 
20 mM DMP  50 50 

4.5.3 Lignin modification and characterisation 

For the lignin biotechnological modification trials, lignin was added at a concentration of  
2 g·L-1 to obtain a sufficient quantity of product for subsequent analyses. In the first batch, 
lignin was added to the culture medium and inoculated with a specific fungal strain. A mineral 
cultivation medium with a reduced glucose concentration (5 g·L-1) was used. After a 14-day 
incubation period, the modified lignin was filtered, washed thoroughly with water, centrifuged 
at 3,130 rcf for 3 minutes, and freeze-dried. Fresh lignin was then introduced into the medium 
for the second batch.  

Antioxidant properties, TPC, FT-IR and molecular weight of modified lignin were 
determined as described in Chapter 4.2.2. Antimicrobial activity was analysed following the 
procedure outlined in Chapter 4.4.2. Since lignin nanoparticles were required for antimicrobial 
testing, they were prepared accordingly. 

4.6 Lignin ultrathin films 

Ultrathin lignin films were prepared using quartz crystal microbalance with dissipation 
monitoring (QCM-D). For films preparation, grape seeds LNP were used alongside four 
different polyelectrolytes (PEs), see Figure 21. 
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Figure 21 The structure of polyelectrolytes used for LBL adsorption experiments: polyallylamine 
hydrochloride (PAH), poly-L-lysine (PLL), polydiallyldimethylammonium chloride (PDM) and 
polyethyleneimine (PEI) 

4.6.1 QCM-D 

The QCM-D instrument enables the simultaneous measurement of changes in resonance 
frequency (∆f) and energy dissipation (∆D), which occur due to mass adsorption on a 
piezoelectric crystal's surface [239]. The dissipation parameter reflects energy losses during the 
crystal's oscillation and depends on the material's viscoelastic properties. This allows the 
characterization of molecular layers formed on the sensor during adsorption. 

For rigid adsorbed layers fully coupled to the crystal's oscillation, the frequency shift (∆f) 
relates to mass change (∆m) via the Sauerbrey Equation (6): 

 ∆f = t
∆u+
v

 (6) 

where C is the Sauerbrey constant (−17.7 ng·Hz−1·cm−2 for a 5 MHz crystal), n is the overtone 
number (e.g., 1, 3, 5), and ∆f (Hz) represents the observed frequency shift [240]. 

For soft film not fully coupled to the crystal's oscillation, the Sauerbrey relation no longer 
applies due to energy dissipation occurring within the film during oscillation. Dissipation (D) 
is defined as equation (7):  

 w =
k,-..
2xk"(/0

 (7) 

where Ediss is the energy dissipated, while Estor represents the stored energy in one oscillation 
cycle. During adsorption, changes in dissipation (∆D) and frequency (∆f) were recorded over 
time, with the third overtone (∆f3, ∆D3) were analysed.  

4.6.2 Lignin nanoparticles-polyelectrolytes LBL assembly 

For the layer-by-layer (LBL) assembly lignin nanoparticles, 4 negatively charged PEs 
(polyallylamine hydrochloride (PAH), poly-L-lysine (PLL), polydiallyldimethylammonium 
chloride (PDM) and polyethyleneimine (PEI)) and gold crystals as substrates were used. The 
PEs were dissolved at 0.1 wt% in 100 mM NaCl and Milli-Q water, and the pH-value adjusted 
with 1 M HCl or NaOH. QCM-D Q sense model E4 and gold sensor surfaces (QSX-301) were 
used. The sensors were rinsed with Milli-Q-water in the assembled QCM-D cells for 
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20 minutes, followed by the PE solution for approximately 20 minutes, and rinsed again with 
Milli-Q water to remove loosely bound molecules for another 20 min. For the second layer, 
sensors were rinsed with the LNP solution (concentration 1 g·L−1) and rinsed again with Milli-
Q water, each for 20 min. Layer three and four followed in the same manner (Figure 22). In all 
cases the flow rate was 0.1 mL·min-1.  

 
Figure 22 Scheme of the LBL assembly process using LNP and specific polyelectrolytes, each 
applied in two consecutive layers onto a gold crystal. The LBL assembly is facilitated by the 
electrostatic attraction between the oppositely charged molecules in the layers. This structure was 
prepared for and analysed using a QCM-D experiment. 

4.6.3 Atomic force microscopy  
Atomic force microscopy (AFM) images were collected in tapping mode with a Tosca™ 400 
atomic force microscope utilizing silicon cantilevers (AP-ARROW-NCR) from Nanoworld AG 
with a resonance frequency of 285 kHz and a force constant of 42 N·m−1. Image processing and 
calculation of root mean square roughness (RMS) were performed with Gwyddion v2.59 
software. 

4.6.4 Water contact angle 

Water contact angle of the LBL assembly was analysed similar as described in chapter 4.3.2. 

4.6.5 Antioxidant activity of LBL assembly 

Antioxidant activity of prepared LBL assembly was analysed following the protocol described 
in chapter 4.2.2 with slight modifications. The gold crystal was immersed in 2 mL of ABTS 
solution, ensuring complete submersion. The previously described ABTS·+ assay was then 
performed, and the change in absorbance was determined at time 0 and 10 minutes. 

4.6.6 Antimicrobial activity of LBL assembly 

Antimicrobial activity of prepared LBL assembly was analysed following the protocol 
described in chapter 4.4.2. The coated gold crystals were added to 4 mL of diluted inoculum 
with final absorbance of 0.1. Turbidity changes were measured at 600 nm using an ELISA 
reader at 0 and 24 hours. A diluted inoculum containing a sterile gold sensor crystal was used 
as a blank. 
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5. RESULTS AND DISCUSSION 

5.1 Agricultural waste lignin isolation 

Agricultural waste, particularly grape and rose hip seeds, along with plum and cherry shells, 
was utilized as raw material for lignin extraction. This approach aligns with upcycling 
principles, aiming to convert waste into valuable products. These annual plant materials are 
known to have a high lignin content [241], making them promising sources of lignin with 
unique properties, such as antioxidant and antimicrobial activities [242–244]. Notably, plum 
and cherry endocarp biomass and grape seeds can be readily sourced from the well-established 
fruit processing industries, offering advantages in feedstock supply chain stability and logistics.  

Currently, plum and cherry kernels are of significant interest due to their high oil content 
and bioactive compounds, which have various applications [245, 246]. In contrast, I focus in 
this study on the shells (endocarp), the hard outer layer of the stone that encases the seed, which 
have limited value-added applications. Significantly, plum production reached approximately 
12.5 million tons, and cherry production was around 2.96 million tons globally in 2023, 
highlighting the abundant availability of these materials [247]. 

For rose hips, oil extraction is primarily focused on the seeds, which are valued for their 
nutritional and cosmetic properties [248]. Grape seeds, on the other hand, are rich in bioactive 
compounds. Grape seed oil is widely used in nutrition, and the seeds themselves can also serve 
as a food supplement [249]. According to the International Organization of Vine and Wine, 
global grape production was approximately 77 million tons in 2022 [250], with seeds 
accounting for around 5% of the total weight [251]. This represents a significant amount of 
material that could be utilized for further processing, supporting sustainable and circular 
economy practices. 

The first step in processing of all raw agricultural waste material was oil extraction using n-
hexane. This step was essential to prevent contamination of the isolated lignin by fatty acids 
while simultaneously obtaining valuable seed oil. The oil yields from grape and rose hip seeds 
were significantly higher compared to those from plum and cherry shells (Figure 23A), 
primarily due to differences in sample pretreatment tailored to plant anatomy. For plums and 
cherries, the kernels were separated from the shells. These kernels, rich in nutrients, support 
seed growth, while the shells, being low in oil, contribute little to extraction yields. In contrast, 
the kernels of grape and rose hip seeds are extremely small, making their separation impractical. 
The oil extraction yields achieved align with reported values, with grape seeds yielding 10–
17% [252, 253] and rose hip seeds yielding 5.5% [254]. 
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Figure 23 Yield of oil and reducing carbohydrates during pretreatment steps 

Agricultural waste also represents a potential source of carbohydrates that can serve as a 
low-cost carbon source for biotechnological production [255, 256]. Therefore, pretreatment 
including carbohydrate extraction was incorporated into the process. This step was particularly 
important given the relatively low efficiency of soda pulping, as it helps minimize cellulose and 
hemicellulose contamination in the isolated lignin. To enhance carbohydrate yields, enzymatic 
hydrolysis was employed [257]. This strategy offers two key advantages: it facilitates the 
extraction of more valuable carbohydrates and simultaneously improves lignin accessibility 
within LCC. As shown in Figure 23B, reducing carbohydrate content was quantified after 
hydrolysis. The highest yield was obtained from grape seeds, reaching up to 10% w/w. In 
contrast, cherry and plum stones provided significantly lower yields, approximately 2% w/w. 
This discrepancy is attributed to differences in sample mechanical pretreatment, as explained 
in the previous paragraph. 

Following the pretreatment steps, lignin was isolated using the soda pulping method, which 
is particularly suitable for non-wood lignocellulosic materials. Although this method may have 
a lower efficiency compared to the Kraft process, it offers a significant advantage: the resulting 
lignin is sulfur-free. This absence of sulfur compounds is beneficial for subsequent material 
applications, as it preserves the lignin's native phenolic hydroxyl groups, thereby maintaining 
its inherent antioxidant properties [258, 259]. 

The isolation yield is presented in Figure 24B. The highest yield was recorded for plum 
shells (35.5 ± 3.0% w/w), followed closely by cherry shells, which were only 2% lower. 
Conversely, the lowest yield was obtained from rose hip seeds, at 10.4 ± 0.9% w/w. These 
results exhibit an inverse trend compared to oil and carbohydrate yields, which was expected, 
as plum and cherry shells are more compositionally homogeneous and contain higher lignin 
levels, as determined by the Klason lignin method (Figure 24A). Lignin content here refers to 
the sum of acid-soluble and acid-insoluble lignin fractions. The high lignin content in these fruit 
wastes highlights their potential as an interesting source for lignin isolation [260]. However, 



55 

the relatively low yield of grape seeds lignin (GSL) and rose hips lignin (RHL) extraction 
indicates potential for optimization and presents a challenge for further research. 

 
Figure 24 Lignin content in agricultural waste expressed as Klason lignin (A) and lignin extraction 
yield of soda pulping method. 

5.2 Lignin characterisation 

5.2.1 FTIR 

The structural composition of the isolated lignin samples was studied using FT-IR 
spectroscopy, with commercial alkali, kraft, and organosolv lignin samples included for 
comparison. The FT-IR DRIFT spectrum (Figure 25) confirmed several characteristic spectral 
features of lignin, according to [261–266]. A broadband of around 3400 cm−1 corresponds to 
the stretching vibration of the hydroxyl groups in phenolic and aliphatic structures. The bands 
between 3000 cm-1 and 2850 cm-1 are attributed to asymmetric and symmetric C–H stretching 
in –CH2– groups. The peak at 1710 cm−1 is assigned to C═O stretching vibrations in non-
conjugated ketones, carbonyl, and ester groups. Additionally, the band at 1624 cm−1 is 
associated with C═O conjugated to the aromatic ring and eventually to aliphatic carboxylates. 
The skeletal vibrations of C═C stretching in aromatic rings are represented by peaks at 
1598 cm–1, 1514 cm–1, and 1423 cm–1, while deformation vibrations of the –CH2– and –CH3 
groups are observed at 1463 cm−1. 

The region below 1300 cm−1 is more complex due to overlapping signals from lignin and 
carbohydrate components however, characteristic lignin features could still be distinguished. 
Signals specific to guaiacyl units were detected, with notable bands at 1269 cm−1 and 
1220 cm−1, corresponding to C–O stretching in guaiacyl aromatic methoxyl groups [267]. 
Additionally, a peak associated with syringyl units was observed at 1125 cm-1 attributed to 
aromatic C–H in-plane deformation. 
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Typically, lignin spectra exhibit a peak around 1030 cm−1, attributed to aromatic C–H in-
plane deformation and C–O stretching in primary alcohols. However, in the soda lignin 
samples, this peak was shifted to 1045 cm−1 likely indicating contamination with hemicellulose, 
such as xylan [268]. Hemicelluloses often display absorption bands in the 1030–1050 cm−1 
range, corresponding to C–O and C–C stretching and C–OH bending vibrations. This 
assumption is further supported by the high intensity of this peak, which is also characteristic 
of xylan. The observed shift and increased intensity suggest overlapping contributions from 
lignin and hemicellulose components. 

 
Figure 25 FT-IR DRIFT spectrum of lignin samples. 

5.2.2 Elemental analysis 
Elemental analysis was another method used for lignin characterization, revealing some 
unexpected results, most notably the absence of sulfur in all samples, including kraft lignin, 
which typically contains sulfur groups due to the kraft pulping process (Figure 26). Sodium 
sulfide, used in the process, generates HS⁻ nucleophilic anions in an alkaline environment [31]. 
These anions not only enhance lignin solubility but also incorporate sulfur in the form of thiol 
groups [269]. However, this result can be explained by the use of Indulin AT, a commercial 
kraft lignin derived from pine, which is highly purified and unsulfonated. Similarly, the alkali 
lignin sample is declared to have a low sulfonate content. The remaining lignin samples lack 
sulfur compounds due to the principle of their isolation process. 
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Figure 26 Elemental composition of lignin samples. N – Nitrogen; C – Carbon; H – Hydrogen; 
O – Oxygen; S – Sulfur. Alkali lignin contain high amount of ash and grape and rose hip seeds lignin 
contain higher amount of nitrogen caused probably by protein contamination. 

Another notable observation is the high nitrogen content in GSL and RHL. This is likely due 
to the pretreatment method, as the seeds (embryos) were not removed from the grape seeds or 
rose hips for practical reasons. Consequently, the samples may have been more contaminated 
with proteins [270]. The alkali lignin sample also exhibited a notably high ash content, likely 
attributable to its high residual ions content, as the alkali lignin solution had a pH of 11 when 
dissolved in water. 

Finally, the elemental composition of the other samples aligns well with typical values 
reported in the literature [271, 272]. Exact data are shown in the Table 10. 

Table 10 Elemental composition of lignin samples 

Lignin sample N C H S O Ash 

Alkali 0.09 ± 0.01 50.71 ± 0.34 9.63 ± 0.56 0 21.41 ± 2.11 18.16 ± 2.13 

Kraft 1.59 ± 0.17 64.13 ± 1.49 8.90 ± 0.31 0 23.13 ± 1.56 2.25 ± 0.03 

Organosolv 1.23 ± 0.11 62.28 ± 1.09 8.28 ± 0.13 0 27.31 ± 1.20 0.90 ± 0.18 
Grape seeds 
soda 

2.58 ± 0.09 59.89 ± 0.26 10.04 ± 0.16 0 26.07 ± 0.46 1.42 ± 0.04 

Rose hip seeds 
soda 

3.60 ± 0.03 48.84 ± 0.48 9.50 ± 0.40 0 37.62 ± 0.62 0.44 ± 0.05 

Plum shells soda 0.79 ± 0.10 51.57 ± 1.12 8.95 ± 0.34 0 37.98 ± 1.09 0.71 ± 0.05 
Cherry shells 
soda 

0.76 ± 0.14 55.56 ± 0.35 9.50 ± 0.57 0 33.49 ± 0.56 0.69 ± 0.03 
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5.2.3 Antioxidant activity and polyphenol content 

Antioxidants play a critical role by preventing oxidation reactions caused by oxidative stress, 
reactive oxygen species, and related agents [273]. This protective function is essential for 
safeguarding living organisms and biological tissues from oxidative damage. Similarly, 
polymer materials such as polypropylene and polyethylene are prone to oxidative degradation, 
where antioxidants can also provide valuable protection. 

Numerous studies have investigated the antioxidant activity of different lignin types, 
including Kraft lignin [274–277], organosolv lignin [55, 274, 277–280], soda lignin [55, 279, 
281, 282], and alkali lignin [283]. However, the diversity of methods used to assess antioxidant 
activity, and the varying units of expression make it challenging to directly compare results 
across studies. Comparisons are more reliable when samples are analysed under consistent 
conditions. 

From the comparison of the results of commercial lignin samples analysed in this work 
(Figure 27A), it is evident that Kraft lignin exhibited the highest antioxidant activity, reaching 
738.9 ± 28.4 mg Trolox per gram of lignin. This enhanced performance could be attributed to 
using highly purified Kraft lignin (Indulin AT) in the study, rather than conventional Kraft 
lignin. The notable antioxidant activity of Indulin AT has also been reported previously [277]. 
Organosolv lignin displayed slightly lower antioxidant activity, while alkali lignin exhibited 
the lowest value of 393.4 ± 40.9 mg Trolox per gram. These findings highlight the variability 
in antioxidant performance among lignin types, which could be influenced by their structural 
differences and the presence of specific functional groups. 

Significant differences were observed in the antioxidant activity of Soda lignin samples 
derived from agricultural waste. The highest activity was recorded for GSL, reaching 
847.7 ± 51.0 mg Trolox per gram of lignin. This result aligns with the natural abundance of 
antioxidants in grape seeds, including flavonoids – group of phenolic pigments. Key 
compounds such as catechin and epicatechin, which polymerize to form proanthocyanidins, are 
highly effective antioxidants [284, 285]. Additionally, grape seeds contain gallic acid, its esters, 
and their polymers, collectively known as hydrolysable tannins. These compounds may not 
have been fully removed during GSL isolation, likely contributing to the high antioxidant 
activity observed in this case. 

In contrast, lignin from plum and cherry shells exhibited moderate antioxidant activity, while 
rose hip seed lignin showed the lowest activity, reaching only 242.4 ± 14.7 mg Trolox per gram 
of lignin. 

As shown in Figure 27, the antioxidant activity results exhibit a strong correlation with the 
total phenolic content (TPC) values. This correlation is expected, as the TPC method relies on 
a redox mechanism to quantify total phenols in the sample, aligning with the redox–based 
detection principle of the ABTS·+ assay. Thus, the TPC results validate the findings from the 
ABTS·+ assay.  
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Figure 27 Comparison of Antioxidant activity expressed as Trolox equivalent (TEAC) (A) and 
Total phenolic content (TPC) (B). The results correlate with each other, which is usual for lignin, 
and point to the best antioxidant values of lignin isolated from grape seeds. 

5.2.4 Molecular weight 

The number-average molecular weight (Mn), weight-average molecular weight (Mw), and 
polydispersity index (PDI) of lignin samples were determined through size exclusion 
chromatography It is important to note that these molecular weight values are considered 
apparent (M1"##), as two correction steps were required to account for lignin absorption and 
fluorescence in the MALLS data. According to Zinovyev et al. [286], both phenomena can 
cause significant overestimation of Mw. Fluorescence becomes more prominent at longer 
elution times, compounding the overestimation. To address this, data from the early portion of 
the MALLS chromatogram were fitted with an exponential model and extrapolated to later 
elution times, yielding corrected apparent (M1"##) values (Table 11). 

Kraft lignin displayed the lowest Mw, which aligns with previous findings for Indulin AT 
[287–289]. Because molecular weight can influence antioxidant activity [290], this relatively 
low Mw may help explain the high antioxidant activity observed for Kraft lignin, whereas 
alkaline lignin with the highest Mw exhibited the lowest antioxidant activity. Differences 
among agricultural waste lignin samples were not substantial, particularly with regard to Mn. 
Furthermore, molecular weight may play a role in determining the size of lignin nanoparticles 
[291]. 
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Table 11 Molecular weight of lignin samples 

Lignin sample Mw (kDa) Mn (kDa) PDI (kDa) 

Alkali 19.50 ± 0.50 17.77 ± 0.70 1.10 ± 0.02 
Kraft   6.01 ± 0.57   1.95 ± 0.35 3.11 ± 0.26 
Organosolv 12.33 ± 0.16   1.86 ± 0.13 6.65 ± 0.37 
Grape seeds soda 12.98 ± 0.62   3.56 ± 0.11 3.67 ± 0.29 
Rose hip seeds soda 12.19 ± 0.23   3.71 ± 0.64 3.33 ± 0.51 
Plum shells soda 10.19 ± 0.13   3.12 ± 0.06 3.27 ± 0.10 
Cherry shells soda   8.59 ± 0.42   3.71 ± 0.11 2.32 ± 0.18 

5.2.5 Solubility 

The solubility of lignin is a crucial parameter in its characterization and can be evaluated using 
Hansen solubility parameters (HSP). This method allows for identification of suitable solvents 
for lignin and can be graphically represented. The solubility screening results summarized in 
(Table A1).  

Using spreadsheet available at [292], I generated HSP spheres (Figure 28) to visually 
represent solubility. Among the tested samples, organosolv lignin exhibited the highest 
solubility in the screening test, resulting in the largest sphere radius, which represents the 
distance to the outermost good solvent. However, due to the inclusion of several "false positive" 
solvents, classified as good solvents despite not actually dissolving the lignin, organosolv lignin 
had a lower fit accuracy compared to Kraft and grape seed soda lignin. 

In contrast, grape seed lignin had the lowest solubility and correspondingly the smallest 
sphere radius. Alkali lignin was unique in being the only sample soluble in water, while 
simultaneously showing low solubility in most organic solvents. This limited solubility reduced 
the model's reliability, with a fit accuracy of only 13%. The complete solubility of Alkali lignin 
in water is unusual for lignin and can be attributed to the high pH (~12) of the solution, 
suggesting the presence of hydroxide ions (OH⁻), likely originating from residual alkali 
compounds in the sample. 

The obtained HSP data were used to select appropriate solvents for subsequent experiments, 
optimizing both time and resource consumption. The potential of HSP for obtaining specific 
lignin fractions has been explored in the work of Leuken et al. [293]. 
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Figure 28 HSP spheres of lignin samples. Units for dispersion forces δD, polar interactions δP and 
hydrogen bonding δH are MPa0.5. Fit values represent model fit accuracy. 
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Despite its usefulness, the Hansen solubility method has limitations. Firstly, it is a qualitative 
rather than a quantitative approach, which may introduce inaccuracies. However, using a large 
number of solvents helps mitigate this issue. Secondly, the method requires a wide range of 
organic solvents for testing, making it essential to evaluate whether its application is justified 
in a given context [294].  

To further assess lignin solubility, samples were quantitatively analysed using pre-selected 
solvents and their aqueous mixtures. Figure 29 shows that DMSO was the best solvent, 
achieving up to 100% solubility for organosolv and plum stone soda lignin. DMSO is widely 
recognized as an effective solvent for lignin [295]. Another highly effective solvent was an 
aqueous mixture of THF, which dissolved more than 90% of Kraft, organosolv, and grape seed 
soda lignin. In contrast, water was the poorest solvent, as lignin is generally insoluble in neutral 
water, as previously discussed. Overall, the results indicate that aqueous mixtures of organic 
solvents were generally more effective than pure organic solvents, as the presence of water 
adjusted the solubility parameters of the mixture to better match those of lignin. This trend was 
also predicted using the HSP spreadsheet. 

 

Figure 29 Comparison of lignin solubility in organic solvents and their aqueous mixtures 
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5.3 PHA solid blocks 

Due to their favourable properties, PHA are considered highly promising bio-based materials 
for a wide range of applications. This study builds on our previous work, which explored the 
blending of PHA with GSL, two bio-based and biodegradable materials, for the preparation of 
thin films intended for active food packaging. These films exhibited antioxidant activity 
attributed to the presence of GSL [90]. 

In contrast to that research, the current study focuses on the modification of PHA using GSL 
and bacterial cellulose (BC), another bio-based and biocompatible polymer, to develop porous 
materials aimed at medical applications. This shift in application leverages the inherent 
biocompatibility of both PHA and BC. It is important to highlight that developing a composite 
material based on hydrophobic PHA and hydrophilic BC presents significant challenges. 

To the best of my knowledge, while studies on PHA/BC composites exist, they primarily 
involve materials prepared through dissolution in chloroform, a highly toxic and 
environmentally hazardous solvent [296–299]. In contrast, this work presents a method for 
preparing a porous composite without the use of halogenated solvents. Although halogenated 
solvents are considered the gold standard for processing PHA, their toxicity significantly limits 
the broader adoption of PHA-based materials. 

5.3.1 Dynamical mechanical analysis 

The mechanical properties of PHA solid blocks were evaluated using dynamic mechanical 
analysis (DMA). The three-point bending method was selected as the most suitable approach 
for testing the prepared porous cryogels, which could not be shaped into other geometries. 

Initially, the viscoelastic properties of PHA samples with varying ratios of PHA to DMSO 
were tested to determine the formulation with the most favourable properties. A range of 5-
10 wt% PHA in DMSO was examined, determined by the solubility of P3HB in DMSO and its 
capacity for solidification (Figure 30A). Samples containing 5 wt% PHA in DMSO exhibited 
brittleness, while those with 10 wt% were too viscous in a liquid state, presenting challenges 
for handling. Based on these observations, a 7.5 wt% PHA concentration was identified as 
having the optimal balance of properties, and this ratio was used for all subsequent analyses. 

PHA cryogels exhibited an E’ modulus in the range of tens of MPa, approximately an order 
of magnitude larger than the values measured for polyvinyl alcohol (PVA)/cellulose nanofibers 
(CNF) aerogels [300]. However, porous materials based on CNF [301], PLA [302], and PVA 
reinforced by cellulose nanocrystals [303] achieved E’ modulus in the order of GPa. 

PHA solid blocks were subsequently modified using three approaches: 1) the addition of 
BC, 2) the addition of GSL and 3) the combination of BC and GSL. 

The crystalline structure of P3HB contributes to its rigidity and mechanical strength. 
Conversely, bacterial cellulose, a fibrous hydrophilic polymer, could impede the mobility of 
P3HB polymer chains when blended, particularly during the cooling and crystallization phases. 
This restriction in chain mobility may hinder the polymer from achieving its optimal physical 
state, resulting in a softer material with a reduced storage modulus (Figure 30B). In contrast, 
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for the mixture of crystalline P3HB and amorphous P3HB-co-4HB, the E’ modulus decreased 
only slightly. Furthermore, the additional modification of the PHA blend with BC did not 
exhibit any adverse effects on the storage modulus. 

 
Figure 30 Storage modulus of PHA solid blocks. A) comparison of different concentration of PHA 
samples in DMSO. B) comparison of modification of solid blocks with bacterial cellulose. 

For the second modification of P3HB cryogels, GSL was used. The premise was that GSL 
could act as a nucleating agent, reducing the energy barrier for nucleation and crystal growth, 
increasing the density of crystallization centres, and resulting in smaller crystals [93, 95]. This, 
in turn, positively impacts the viscoelastic properties of the material. A similar effect was 
previously observed in our earlier study [90], where PHA films with lower GSL concentrations 
exhibited improved mechanical performance.  

In the case of P3HB cryogels, the most pronounced effect was observed with the addition of 
1 wt% GSL, which increased the E' modulus to 23.50 ± 4.34 MPa, compared to 19.89 ± 
1.80 MPa for neat P3HB (Figure 31A). These findings are consistent with our previous work 
[90], as well as studies on PHBV [93] lignin/sugar-based polyurethane films [304], and PVC 
composites [305], where the addition of lignin similarly enhanced mechanical properties. 

However, increasing the GSL content further led to a slight reduction in the E' modulus, 
likely due to phase separation and interfacial incompatibility, which represent ey challenges in 
the lignin/polymer blend [306, 307]. The impact of GSL addition on PHA blends was limited, 
and except for 1 and 5 wt% GSL, it decreased the E' modulus (Figure 31B). As a result of the 
negative effects observed with 10 wt% GSL, this option was not further evaluated. 
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Figure 31 Comparison of storage modulus of P3HB cryogels modified by GSL (A) and PHA blends 
modified by GSL (B). 

The third type of modification combined the previous approaches, involving the addition of 
both BC and GSL to P3HB and PHA blend. In this modification, the P3HB variant with BC 
and lignin showed a positive effect in all tested cases (Figure 32A). The most significant 
improvement was observed with 0.5 wt% GSL, where the E' modulus increased to 13.80 ± 
2.09 MPa, compared to P3HB+BC, which had an E' modulus of 7.95 ± 2.00 MPa. 

Conversely, for the PHA mix with BC, a significant effect on the E' modulus was only 
observed with the addition of 0.5 wt% GSL, which had a negative impact (Figure 32B). In all 
other cases, no significant changes were detected. 

 
Figure 32 Comparison of storage modulus of composite cryogels based on P3HB and BC, modified 
by GSL (A) and PHA blends with BC modified by GSL (B). 
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5.3.2 Differential scanning calorimetry 

Thermal properties of mixed PHA cryogels were analysed by non-isothermal differential 
scanning calorimetry in nitrogen atmosphere. The measured data of P3HB clyogels are 
summarized in Table 12 and for PHA blends in Table 13. The records of the first heating and 
cooling cycle are shown in Figure 33, where the thermograms of P3HB and modified samples 
are compared. 

Table 12 DSC data of P3HB and their bacterial cellulose and grape seeds lignin blends 

Sample 
1st heating scan Cooling scan 

Tm1  
(°C) 

ΔHm1  
(J×g-1) 

Tm2  
(°C) 

ΔHm2  
(J×g-1) 

Tc_  
(°C) 

ΔHc_  
(J×g-1) 

P3HB 138.0 7.8 173.5 80.8 100.0 64,63 
P3HB+ 0.5% GSL 137.5 20.0 173.0 102.0 105.1 65.4 
P3HB+ 1% GSL 140.7 5.9 173.5 82.4 96.9 62.9 
P3HB+ 5% GSL 139.0 8.5 172.6 76.5 100.5 57.9 
P3HB+ 10% GSL 138.0 7.9 172.1 63.9 98.2 53.5 

P3HB+BC 140.0 6.0 171.6 70.3 102.0 60.5 
P3HB+BC+ 0.5% GSL 141.3 16.6 173.9 84.9 95.8 62.5 
P3HB+BC+ 1% GSL 140.4 9.6 172.9 73.8 93.4 58.7 
P3HB+BC+ 5% GSL 139.9 12.1 172.3 86.3 100.5 66.1 

Table 13 DSC data of PHA blends with bacterial cellulose and grape seeds lignin  

Sample 
1st heating scan Cooling scan 

Tm1  
(°C) 

ΔHm1  
(J×g-1) 

Tm2  
(°C) 

ΔHm2  
(J×g-1) 

Tc_  
(°C) 

ΔHc_  
(J×g-1) 

PHA mix 138.3 14.5 174.0 79.8 92.3 59.8 
PHA mix+ 0.5% GSL 137.8 4.0 171.9 44.4 81.9 20.6 
PHA mix+ 1% GSL 138.2 1.1 172.8 41.9 72.7 32.2 
PHA mix+ 5% GSL 136.8 5.8 171.3 39.5 83.4 27.3 
PHA mix+ 10% GSL 134.1 3.8 172.1 19.0 65.8 14.8 

PHA mix+BC 139.7 7.1 171.5 45.7 73.4 22.7 
PHA mix+BC+ 0.5% GSL 146.6 1.8 171.1 36.0 72.1 18.3 
PHA mix+BC+ 1% GSL 142.3 2.0 170.0 38.0 81.6 19.6 
PHA mix+BC+ 5% GSL 140.9 1.3 172.1 33.4 80.0 21.5 

During the first heating cycle all tested PHA cryogels showed double melting behaviour. 
The double melting peak indicates the presence of crystallites with different morphology and 
thermal stability [308]. Sample of P3HB showed first small melting peak at 138 °C and a broad 
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doble melting peak at 173.5 °C demonstrating the melting-recrystallization-melting process 
[309, 310]. Subsequently, P3HB crystallized back at 100 °C during the cooling cycle. 

Modification by blending with amorphous P3HB-co-4HB did not influence the melting 
processes during first heating cycles, but the crystallization kinetics of the PHA blend was 
modified due to the presence of amorphous P3HB-co-4HB. The blend crystallized with the 
lower value of the enthalpy ΔHc and at lower temperature than unmodified P3HB, large peak 
of PHA blends indicated slower crystallization kinetics [308]. 

In case of modification cryogels by addition of BC, was not recorded significant effect on 
thermal properties of P3HB cryogels. On the contrary, in case of PHA blends, BC decreased 
the enthalpy of melting as well as enthalpy and temperature of crystallization, that mean that 
crystallization was slower.  

 

Figure 33 DSC thermograms of first heating (column A) and cooling (column B) cycles of P3HB 
and PHA blends. The colours of the curves in column A correspond to the samples in column B. 

In case of modification by GSL there were not observed clear effect to cryogels. Described 
effect of lignin in polymers as nucleating agent [93, 95, 311, 312], results in a higher value of 
Tc and lower ΔHc and therefore faster crystallization. However, in this study described effect 
was not observe, Tc was not definitely shifted to higher temperature. The reason may be that 
solidification of hot dissolved P3HB and blends into a gel form was very slowly and more 
nucleating centres did not affect the solidification process. 
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It is important to mention that P3HB belong to the short-chain-length PHA, they are semi-
crystalline stiff polymers with a high degree of crystallinity and brittleness. The glass transition 
temperature (Tg) is related to the amorphous phase of the material [313], which causes that it 
was not possible to detect the value of Tg by DSC technique. 

5.3.3 Thermogravimetric analysis 

The thermal degradation of PHA cryogels and modified cryogels was analysed using 
thermogravimetric analysis (TGA). All samples exhibited a single decomposition step (Figure 
34, 35) attributed to polymer chain scission and the volatilization of degradation products [91]. 
The thermal decomposition mechanism of P3HB is described in detail in the literature [213]. 
The onset temperature (Tonset), temperature of maximal degradation (Tmax) and the residual mass 
at 400 °C (mrest) reported in Table 14. The modification of P3HB cryogel with BC slightly 
decreased Tonset by approximately 3.6 °C. In contrast, the PHA blend and BC modified PHA 
blend exhibited significantly higher Tonset values, with increases of about 22.5 °C, 25.2 °C, 
respectively, compared to unmodified P3HB. 

Table 14 The thermal properties of P3HB and its blends analysed by TGA 

Sample Tonset (°C) Tmax (°C) mrest 400 °C (%) 

P3HB raw 232.5 285.7 0.4 
P3HB 203.1 269.1 1.9 
P3HB+BC 199.5 256.5 1.0 

PHA raw 229.8 292.3 5.0 
PHA mix 225.6 280.2 0.1 
PHA mix+BC 228.3 287.0 2.6 

The addition of GSL lignin to PHA cryogels caused a notable shift in both Tonset and Tmax to 
higher temperatures across all analysed variants. This enhancement in thermal stability is likely 
due to the inherent properties and degradation mechanism of lignin [314, 315]. As a natural 
polyphenolic polymer, lignin contains aromatic structures that impart high thermal resistance. 
During thermal decomposition, lignin forms a stable char layer, which can act as a protective 
barrier, reducing the rates of heat transfer and oxygen diffusion [85, 316, 317]. This barrier 
effect may shield the polymer matrix from rapid degradation. Furthermore, interactions 
between lignin and the polymer matrix, such as hydrogen bonding, may improve the overall 
thermal stability by enhancing cohesive forces within the composite. 

For the P3HB + 10% GSL sample, lignin particles may have agglomerated or clump 
together, leading to non-uniform dispersion within the P3HB matrix. These agglomerates could 
create weak points in the composite, thereby diminishing the effectiveness of the char barrier 
and potentially accelerating degradation in localized areas.  

The observed increase in mrest values can be attributed to the thermal decomposition 
behaviour of lignin. Lignin undergoes decomposition in three stages, with only the first two 
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steps completed at 400 °C. As a result, higher lignin content corresponds to a greater mrest value 
[213]. 

 

Figure 34 Weight of the samples as a function of temperature obtained by TGA for P3HB and 
PHA blends 

 

Figure 35 Thermograms of P3HB (A), PHA blends (B) and their modification by BC+grape 
seeds lignin. 

These effects of lignin on the thermal properties of PHA cryogels are consistent with 
findings from previously published studies [93, 307, 317]. Similar improvements in thermal 
stability have also been reported for other porous materials, such as lignin-graphene aerogels 
[318, 319].  
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5.3.4 Morphology of PHA solid blocks 

The surface morphologies of cryogels prepared from P3HB and modified samples were 
investigated by SEM (Figure 36). Similarly, SEM images of PHA blends and modified cryogels 
are shown in the Figure 37.  

The morphology samples prepared from P3HB and P3HB modified by GSL (Figure 36A 
and B) differed only slightly. Due to the high solubility of lignin in DMSO and its small particle 
size at the applied concentration, lignin is difficult to distinguish in the SEM images. In contrast, 
samples containing bacterial cellulose (Figure 36C and D) exhibited a markedly different 
morphology. The images clearly show the characteristic fibres of bacterial cellulose, which are 
randomly arranged and visibly incorporated into the polymer structure. 

 
Figure 36 SEM pictures of P3HB cryogels. Pictures were obtained at an accelerating voltage of 
1.00 kV, magnification 15,000 X, gentle Beam mode, WD 5-6mm. All pictures were taken using same 
conditions. (A) P3HB, (B) P3HB modified by GSL, (C) P3HB modified by BC, (D) P3HB modified by 
BC and GSL. 

Figure 37 presents the morphology of PHA blends. Compared to neat P3HB, the pore size 
appears smaller and less frequent, a trend supported by BET analysis. The bacterial cellulose 
fibres are again clearly visible, while the small amount of lignin did not cause noticeable 
changes in the cryogel morphology. 
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Figure 37 SEM pictures of PHA blend cryogels. All pictures were taken using same conditions: 
Magnification 15,000 X, 1.00 kV SEI, Gentle Beam mode, WD 2.6-5mm. (A) PHA mix, (B) PHA mix 
modified by GSL, (C) PHA mix modified by BC, (D) PHA mix modified by BC and GSL. 

5.3.5 Surface area 

Surface area was analysed using the Brunauer–Emmett–Teller (BET) method, with the results 
summarised in Table 15. Among the samples, unmodified P3HB exhibited the highest surface 
area, reaching up to 63.4 m2×g-1. However, incorporating bacterial cellulose into P3HB led to a 
reduction in both surface area and pore volume. In PHA blends, a significantly lower surface 
area and smaller pore sizes were observed, consistent with the structures visualized via SEM 
(Figure 36, 37).  

Table 15 Porosity and density of PHA cryogels 

Sample Surface area (m2×g-1) Pore volume (mm3×g-1) Density (mg×cm3) 

P3HB 63.41 ± 3.09 84.50 ± 8.50 106.31 ± 4.84 
PHB+BC 51.46 ± 0.70 76.50 ± 4.50 81.05 ± 6.86 
PHA mix 13.20 ± 1.67 13.00 ± 2.00 141.66 ± 7.89 
PHA mix+BC  20.58 ± 2.92 23.50 ± 3.50 127.09 ± 5.43 
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In contrast, modifying PHA blends with BC resulted in an increase in both surface area and 
pore size, highlighting the influence of BC on the polymer matrix. These modifications also 
affected material density. Blending BC with both types of polymers increased the overall 
material volume while having minimal impact on weight, which aligns with expectations given 
the low density of used BC (0.25 ± 0.03 g cm3 after freeze drying) [320].  

The recorded specific surface areas are within the same range as similar materials based on 
Poly(3-hydroxybutyrate-co-3-hydroxyhexanoate) prepared using the same method [309]. 
However, the values are substantially higher than those of P3HB porous scaffolds fabricated 
via the salt leaching method [321] or PVA-cellulose nanofibrils aerogels [300], despite these 
materials having similar density ranges. For comparison, silica aerogels [322] and graphene 
aerogels [323, 324] have been reported to achieve surface areas exceeding 1000 m2×g-1. 

These results provide a comprehensive characterization of our porous material, emphasizing 
the structural and textural impact of BC incorporation. 

5.3.6 Water Interaction Analysis 

Polyhydroxyalkanoates are inherently hydrophobic polymers, whereas exhibits a hydrophilic 
character. After overcoming challenges in combining these heterogeneous materials, I 
investigated how these modifications influenced the hydrophobic properties of porous PHA 
cryogels. Changes in hydrophobicity character were assessed by measuring WCA. The highest 
WCA was recorded for unmodified P3HB (131.0 ± 1.3°), confirming its hydrophobic nature. 
The measurement results are presented in Figure 38. Modifications via PHA blending and BC 
incorporation resulted in a decrease in WCA. 

 
Figure 38 Sessile drop, water contact angle on P3HB (A), P3HB modified by BC (B), PHA blend 
(C) and PHA blend modified by BC (D) 

5.3.7 Antioxidant properties 

In addition, the antioxidant properties of PHA cryogels modified with GSL were assessed to 
determine whether the antioxidant potential of GSL was successfully transferred to the 
cryogels. As summarized in Figure 39, the results indicate that cryogels containing GSL 
exhibited dose-dependent antioxidant activity. Samples with 5 wt% GSL demonstrated an 
antioxidant capacity of approximately 25 mg Trolox equivalents per gram. The theoretical 
antioxidant activity, based on the GSL content in the samples, was estimated at ~80 mg Trolox 
equivalents per gram (5.2.3). The observed difference was expected and can be attributed to the 
partial loss of lignin during the cryogel preparation process, especially during the solvent 
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exchange, and also to the limited diffusion of the ABTS·+ solution into the cryogel matrix during 
measurement. 

 
Figure 39 Antioxidant properties of P3HB and PHA mix cryogels modified with BC and GSL. 
TEAC – Trolox equivalent antioxidant activity. 

5.4 Lignin nanoparticles 

Lignin's large particle size, heterogeneity, poor dispersibility, and irregular morphology limit 
its potential as a high-value material [145]. One approach to overcome these challenges is the 
preparation of lignin nanoparticles (LNP), which serve as a promising and versatile green tool 
for various applications. 

5.4.1 Assessment of the solution system for the preparation of LNP 

Based on solubility results, several solvent systems were analysed for lignin nanoparticles 
preparation using the antisolvent precipitation method. Particle size was analysed by dynamic 
light scattering method and the results are at Figure 40. Particles smaller than 100 nm, which is 
considered as the limit for labelling as a “nanoparticle” [325]. LNP were prepared from specific 
lignin using DMSO, aqueous acetone (AcOH), THF and ethanol (EtOH) solvent systems. The 
other prepared particles bigger than 100 nm are classified as “sub-micro”.  

The smallest particles were obtained using aqueous AcOH as a solvent for Kraft lignin, these 
particles had 48.2 ± 4.7 nm. DMSO has proven to be another very good solvent for the 
preparation of LNP, that corresponds with the fact that DMSO is the best solvent for analysed 
lignin samples. LNP prepared from Kraft and organosolv lignin had Z-average 48.8 ± 6.6 and 
50.4 ± 5.5 nm respectively. In contrary, alkali lignin proved to be unsuitable for the preparation 
of nanoparticles as only using DMSO produced particles that could be considered as 
nanoparticles, with a size of 99.4 ± 11.8 nm. Aqueous THF enabled nanoparticle formation 
from all lignin samples except Alkali lignin, confirming its suitability for LNP preparation. 
Furthermore, aqueous methanol (MeOH) did not work well, as no nanoparticles could be 
prepared. 
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Figure 40 Comparison of different solvent systems and their impact to resulting nanoparticles 
side. 

Preparation of LNP using different method is usual procedure, I focused on antisolvent 
aggregation method with dialysis because by another common method using rotary 
evaporator [326], I did not manage to prepare nanoparticles from grape seeds either plum shells 
soda lignin.  

5.4.2 Characterization of lignin nanoparticles 

When evaluating solvent systems for LNP preparation, DMSO, aqueous THF, and AcOH 
emerged as the most promising candidates. However, aqueous THF was ultimately selected for 
further use and analysis, as LNP solutions prepared with the other solvents proved unstable, 
exhibiting aggregation and sediment formation at the bottom. 

Regarding lignin samples, I focused on grape seed-derived LNP for a detailed analysis, 
particularly due to their antimicrobial properties, which are discussed below. For comparison, 
Kraft and organosolv lignin were also included in the study. 

Impact of preparation conditions on LNP  

The properties of LNP were analysed as a function of the initial lignin solution concentration, 
specifically considering particle size, zeta potential, LNP yield, and pH (Figure 41). The results 
indicate that particle size increased with higher initial lignin concentrations, a trend observed 
across all lignin samples. This finding aligns with previous studies [291, 327–330]. 

Thus, by adjusting the initial lignin concentration, the resulting LNP size can be controlled. 
However, targeting smaller nanoparticles leads to a lower nanoparticle concentration in the final 
solution, as shown in Figure 41. 

Additionally, LNP yield was assessed in relation to the initial lignin concentration. The 
results demonstrate a direct proportionality, indicating that when using the antisolvent 
precipitation method, the lignin solution is typically diluted by approximately fivefold. 
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In contrast to particle size, zeta potential remained largely independent of lignin 
concentration in most samples, with values around  ̵ 25 mV for nearly all LNP formulations. 
Since a zeta potential below  ̵ 30 mV is generally considered the threshold for colloidal stability 
[331], the prepared nanoparticles exhibited reasonable stability. However, Figure 42 confirms 
that the LNP maintained good stability over time. 

As shown in the second column of the Figure 41, the pH of the solution decreased with 
increasing LNP concentration, even though the samples were dialyzed. This decrease in pH 
may be caused due to the acidic functional groups present in lignin. Lignin contains phenolic 
hydroxyl (-OH) and carboxyl (-COOH) groups, which can partially ionize in water, releasing 
protons (H⁺) [332]. As the LNP concentration increases, more of these acidic groups are 
introduced into the solution, leading to a higher release of H⁺ ions, which lowers the pH. 

The stability of LNP over time in media with different pH values is an important factor 
influencing their potential applications. Therefore, I monitored the stability of LNP across a 
wide range of pH values. Studies on the effect of pH on nanoparticle stability generally indicate 
that LNPs remain stable within the pH range of 3-10 [216, 326, 330, 333–336] 

Below pH 3, LNP tend to aggregate due to changes in surface charge. The carboxyl groups 
present in lignin are protonated predominantly at pH 3-6, while the hydroxyl groups on the 
aromatic core exhibit pKa values in the range of 7-10 [337], This results in a surface charge 
that stabilizes the nanoparticles by forming repulsive electrical double layers. However, under 
highly acidic conditions, the surface charge approaches the isoelectric point, leading to 
aggregation. 

Most of the cited studies investigate nanoparticle stability as a function of pH only in the 
short term. In contrast, I monitored LNP stability over 40 days, confirming that the 
nanoparticles maintained stability throughout this period (Figure 42). Notably, organosolv LNP 
exhibited reduced stability at higher pH values. While long-term stability studies on lignin-
based materials exist, they primarily focus on submicron lignin particles [328]. 
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Figure 41 Dependency of LNP properties on initial lignin concentration. Kraft LNP (A), 
organosolv LNP (B) and grape seeds LNP (C). 
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Figure 42 Total phenolic content, antioxidant activity and stability of LNP prepared from Kraft 
lignin (A), organosolv lignin (B) and grape seeds lignin (C). 
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Antioxidant activity and total phenolic content 

The antioxidant activity of LNP was analysed as a function of LNP concentration (Figure 42). 
The results show that antioxidant activity increased with higher LNP concentrations, 
confirming the expectation that a more concentrated LNP solution would exhibit enhanced 
antioxidant properties. The relative antioxidant activity of different LNP samples corresponded 
to that of the initial lignin samples, following the trend: grape seed lignin > Kraft lignin > 
organosolv lignin (Figure 27). Although antioxidant activity has been widely studied [338–
341], variations in analytical methods and result expression complicate direct comparisons 
between studies, as discussed in chapter 5.2.3. Antioxidant activity correlated with total 
phenolic content, supporting the validity of these results. This correlation can be attributed to 
the redox-based detection principle of the TPC method, as previously also discussed in chapter 
5.2.3. 

Lastly, the effect of stirring speed on particle size and zeta potential was examined over a 
range of 250-1250 rpm in 250 rpm increments. Literature suggests that very low stirring speeds 
may lead to larger particle sizes and zeta potential values closer to zero [174, 342]. However, 
within the tested range, no significant dependence of stirring speed on nanoparticle size or zeta 
potential was observed in this work. 

Antimicrobial properties 

Lignin, as a polyphenolic substance, is recognized for its biological activity and inherent 
antibacterial properties [174]. The antimicrobial effect of LNP prepared from various lignin 
sources were evaluated against both the gram-positive bacterium Micrococcus luteus and gram-
negative bacterium Escherichia coli. As shown in Table 16, LNP prepared from grape seeds 
lignin exhibited a significant antimicrobial effect, with growth inhibition values exceeding 
56 % for both bacteria. In contrast, a slight inhibitory effect was observed for organosolv LNP 
against E. coli, while nanoparticles prepared from Kraft lignin and plum shells soda lignin did 
not demonstrate any antimicrobial activity. These results underscore the unique properties of 
grape seed lignin nanoparticles, which motivated further investigation into their potential 
applications.  

Table 16 Growth inhibition of lignin nanoparticle samples after 24 hours 

Sample Growth inhibition (%) 
M. luteus E. coli  

Kraft lignin nd nd 
Organosolv lignin nd 12.5 ± 5.9 
Grape seeds soda lignin 56.2 ± 15.8 56.7 ± 8.0 
Plum shells soda lignin nd nd 

The antimicrobial activity of lignin is primarily attributed to its phenolic structure. Previous 
studies have demonstrated that the biological activity of lignin is largely due to the presence of 
phenolic hydroxyl and methoxy groups [343]. Moreover, the presence of a double bond at the 
α, β positions of the side chain, together with a methoxyl group at the γ position, has been linked 
to enhanced efficacy against microorganisms [344]. The differences in antimicrobial 
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performance may also likely be related to the structural characteristics of the target bacteria; for 
instance, M. luteus features a thicker peptidoglycan layer [345], whereas E. coli has a more 
complex cell envelope with two concentric lipid bilayers [346]. 

Gao et al. [174] further investigated the antimicrobial mechanisms of LNP and reported, via 
SEM imaging, that bacterial cells exposed to LNP appeared distorted and deformed. By 
monitoring extracellular alkaline phosphatase activity, they proposed that the antimicrobial 
effects of LNP might involve different mechanisms for gram-positive and gram-negative 
bacteria. Their findings suggest that, in addition to causing external membrane disruption, LNP 
may also penetrate bacterial cells via endocytosis and disrupt intracellular processes. 

Finally, it is worth noting that grape seed lignin also contains proanthocyanidins [347], 
compounds typical of grape-derived materials that possess antimicrobial properties [348, 349]. 
The presence of these bioactive compounds likely contributes to the enhanced antimicrobial 
activity observed in grape seed LNP. 

Grape seeds LNP structure and morphology 

The structure of grape seed LNP was characterized using scanning electron microscopy (SEM). 
Figure 43 clearly demonstrates that the nanoparticles exhibit a spherical morphology, which is 
a typical characteristic for LNPs prepared using THF [328, 342, 350]. Moreover, the SEM 
image conforms the particle size data obtained from DLS experiments. 

 
Figure 43 SEM of colloidal grape seed lignin nanoparticles prepared using aqueous mixture of 
THF. Picture was obtained at an accelerating voltage of 2 kV, a magnification of 50,000x, gentle beam 
mode and working distance 2.9 mm. 
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NMR 

The 2D HSQC NMR experiments were conducted to elucidate the chemical structure of grape 
seeds lignin and its LNP. The chemical shifts of the cross-peaks and the respective assigned 
chemical structures are listed in Table 17 and illustrated in Figure 44. 

 
Figure 44 High-resolution 2D NMR HSQC spectra of grape seeds lignin (A, B) and grape seeds 
lignin nanoparticles prepared using aqueous THF (C, D). NMR spectra were collected at 14 T in 
dimethyl sulfoxide (40 °C), in the first column are shown aromatic parts (6–8.5 ppm for 1H / 90–140 
ppm for 13C) and in the second column aliphatic parts (2.5–6 ppm for 1H / 50–115 ppm for 13C). 
Signals with positive phase (signals originating from methine and methyl groups) are in red, and signals 
with negative phase (resonances originating from methylene groups) are in blue. 

The acquired 2D NMR spectra were compared with published spectra of grape seed lignin 
[351, 352], and lignin nanoparticles [353–355]. The spectra revealed characteristic linkages 
typical of lignin structures, including β-O-4 alkyl-aryl ethers (A), resinols (B) and 
phenylcoumarans (C) in the aliphatic region. In the aromatic region, signals corresponding to 
p-coumarates (p-CE), ferulates (p-FA), p-hydroxyphenyl units (H), guaiacyl units (G) were 
identified. The chemical structures of these compounds are illustrated in Figure 45. Notably, 
syringyl units were absent in the grape seed lignin spectra, which is consistent with previous 
studies [352, 356] and can be attributed to the botanical origin of the lignin. 



81 

 Furthermore, the spectra indicated contamination with hemicellulosic compounds. Signals 
corresponding to β-(1→4)-D-xylopyranoside (X), α-D-glucuronic acid (U) and α-L-
arabinofuranoside were observed, confirming the presence of LCC in the lignin fractions [357]. 
A comparison between the lignin and LNP spectra showed a reduction in signal intensity and 
overall spectral complexity in LNP, suggesting structural simplification during nanoparticle 
formation. 

Additionally, it is important to consider that grape seeds are a rich source of 
proanthocyanidins [348]. These compounds are based on flavan-3-ol structures, with 
derivatives such as catechin and epicatechin. Previous studies have reported that grape seed 
lignin contains proanthocyanidins, and in 2D NMR spectra, signals from G-type lignin units 
can partially or completely overlap with characteristic procyanidin signals, making their 
identification more challenging [356]. These findings suggest that the material isolated from 
grape seeds is not pure lignin, as is typically the case with lignin extracted from wood sources, 
rather a mixture of lignin and polyphenols. This unique composition likely contributes to its 
distinctive properties. However, for simplicity, samples isolated from grape seeds are referred 
to in this work as grape seed lignin (GSL). 

 

Figure 45 Main structures present in the grape seeds lignin: (A) β-O-4 alkyl-aryl ethers, (B) 
resinols, (C) phenylcoumarans, (p-CE) p-coumarates; (p-FA) ferulates; (H) p-hydroxyphenyl units, 
(G) guaiacyl units.  
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Table 17 Assignments of 13C-1H cross-signals in the 2D HSQC spectra of grape seeds lignin and 
LNP [358]  

δC/δH (ppm) Label Assignments 
53/3.1 Bβ Cβ–Hβ in resinol substructures (B) 
53/3.5 Cβ Cβ–Hβ in phenylcoumarane substructures (C) 
55/3.7 –OCH3 C–H in methoxyls 
60/3.5 Aγ Cγ–Hγ in β-O-4′ substructures (A) 
62/3.6 Cγ Cγ–Hγ in phenylcoumaran (C) 
63/3.4 X5 C5–H5 in β-d-xylopyranoside 
70/3.0 U2 C2–H2 in 4-O-methyl-α-D-glucuronic acid 
70/3.3 U3 C3–H3 v 4-O-methyl-α-D-glucuronic acid 
71/3.9 Bγ Cγ–Hγ in resinol substructures (B) 
71/4.7 Aα Cα–Hα v β-O-4 unit (A) 
73/3.0 X2 C2–H2 in β-D-xylopyranoside 
73/3.2 X3 C3–H3 in β-D-xylopyranoside 
75/3.5 X4 C4–H4 in β-D-xylopyranoside 
76/3.1 βX3 (NR) (1→3)-β-D-xylopyranoside (Non-Reducing) 
84/4.3 Aβ(G) Cβ–Hβ in β-O-4′ substructures linked to G and H units (A) 
95/5.9 F Flavonoids 
100/4.2 X1 C1–H1 in β-D-xylopyranoside 
107/4.8 Ar1 α-L-arabinofuranoside 
110/7.0 G2 C2–H2 in guaiacyl units (G) 
110/7.4 FA2 C2–H2 in ferulate (p-FA) 
115/6.6 G5 C5–H5 in guaiacyl units (G) 
119/6.8 C6 C6–H6 in guaiacyl units (G) 
128/7.2 H2,6 C2,6–H2,6 in H units (H) 
123/7.1 FA6 C6–H6 in ferulate (p-FA) 
128/7.4 PCE2,6 C2,6–H2,6 in p-coumarate (p-CE) 

5.5 Biotechnological lignin modification  

The aim of these experiments was to modify lignin biotechnologically using ligninolytic 
enzymes produced by white-rot fungi. The objective was to obtain low-molecular-weight lignin 
compounds with enhanced antioxidant properties, as ligninolytic enzymes can cleave both C–
C and C–O bonds within the complex lignin structure [359].  

One of the key challenges in this approach is that lignin biodegradation in nature occurs in 
native lignin. However, industrial processing subjects lignin to physical and chemical 
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treatments, resulting in technical lignin, which has a significantly altered chemical structure and 
should be considered a distinct substrate [360]. 

5.5.1 Screening of Ligninolytic Fungi and Enzyme Activity 

Initially, three ligninolytic fungi Fomitopsis pinicola, Lenzites betulina and Phanerochaete 
chrysosporium were cultivated in appropriate culture media (chapter 4.5.1). The activity of key 
ligninolytic enzymes, specifically laccase, lignin peroxidase, and manganese-dependent 
peroxidase, was monitored throughout the experiments. Additionally, the potential induction of 
ligninolytic enzyme production by adding alkali lignin to the culture medium was investigated 
[361]. Screening results indicated that Lenzites betulina exhibited the highest enzymatic 
activity, making it the most promising candidate. Consequently, further studies focused on this 
fungus, particularly enzyme production in mineral cultivation media. The highest recorded 
enzyme activity values were for laccase: up to 350 U·mL-1, manganese-dependent peroxidase: 
up to 66 U·mL-1, lignin peroxidase: up to 8 U·mL-1 (Figure 46). 

In contrast, Phanerochaete chrysosporium exhibited negligible activity (< 0.5 U·mL⁻¹) for 
all studied enzymes (Figure 47). Fomitopsis pinicola exhibited lignin peroxidase activity 
comparable to Lenzites betulina but showed significantly lower activity for laccase and 
manganese peroxidase (Figure 48). Based on these findings, Lenzites betulina was selected as 
the most suitable fungus for the lignin modification assays. Previously published enzyme 
activity values varied widely, suggesting that culture conditions strongly influence enzyme 
production [361–364]. 
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Figure 46 Enzyme activity of lignolitic enzymes produces by Lenzites betulina. Laccase (A), lignin 
peroxidase (B) and manganese-dependent peroxidase (C). PDB – Potato dextrose broth, GLU- stands 
for 5 g·L-1 glucose. 0.1 L, 0.3 L, 0.5 L, 1 L stand for lignin content in cultivation media in g·L-1. 
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Figure 47 Enzyme activity of lignolitic enzymes produces by Phanerochaete chrysosporium. 
Laccase (A), lignin peroxidase (B) and manganese-dependent peroxidase (C). 0.5 L, 1 L, 3 L stand for 
lignin content in cultivation media in g·L-1. 
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Figure 48 Enzyme activity of lignolitic enzymes produces by Fomitopsis pinicola. Laccase (A), 
lignin peroxidase (B) and manganese-dependent peroxidase (C). ME – Malt extract, GLU- stands for 
5 g·L-1 glucose. 0.3 L, 3 L stand for lignin content in cultivation media in g·L-1. 
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Selected fungi Lenzites betulina was subsequently used for biotechnological modification of 
lignin samples. Different lignin samples, Kraft, organosolv, grape seed soda, and plum shell 
soda lignin, were subjected to fungal treatment. Cultivation experiments were performed with 
2 g·L-1 lignin, using a batch volume of 150 and 100 mL in 500 mL Erlenmeyer flasks. This 
setup maximized the surface area for fungal growth while preventing excessive dilution of the 
produced enzymes. 

5.5.2 Antioxidant and antimicrobial properties of modified lignin 

The effect of biotechnological modification on the antioxidant activity of lignin samples was 
analysed and compared to non-modified lignin. A comparison of results under different 
cultivation conditions is shown in Figure 49. According to the literature, an increase in 
antioxidant activity was expected [365], which was observed in the case of Kraft lignin (Figure 
49A). This increase is likely due to the release of hydroxyl groups resulting from demethylation 
and depolymerization. The cleavage of the C–O bond in methoxyl groups can lead to 
demethylation, generating phenol hydroxyl-rich products with abundant ortho-hydroxy 
substitutions [366]. Additionally, the enzymatic cleavage of β-O-4’ bonds, the most abundant 
type of interunit linkage in lignin, occurred during laccase treatment, leading to lignin 
depolymerization [367].  

For organosolv lignin, the increase in antioxidant activity was less pronounced. It was 
observed in some samples, but no decrease was detected (Figure 49B). In the case of grape seed 
and plum shell soda lignin, a slight increase in antioxidant activity was noted, though it was not 
statistically significant (Figure 49C). 
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Figure 49 Comparison of Antioxidant activity expressed as Trolox equivalent (TEAC) of modified 
Kraft lignin (A) modified organosolv lignin (B) and modified grape seeds and plum shells soda 
lignin (C). 

Regarding antimicrobial activity, only grape seed lignin and organosolv lignin exhibited 
antimicrobial properties, as described in chapter 5.4.2. To assess whether biotechnological 
modification influenced antimicrobial activity, treated samples were tested. However, none of 
the modified Kraft lignin, organosolv lignin, or plum shell soda lignin samples exhibited 
antimicrobial activity. Furthermore, for grape seed lignin, growth inhibition against M. luteus 
and E. coli decreased following modification (Table 18).  
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Table 18 Antimicrobial activity of modified grape seeds lingin 

Sample Growth inhibition (%) 
M. luteus E. coli  

Grape seeds soda lignin (GSL) 56.2 ± 15.8 56.7 ± 8.0 
Modified GSL: 1st batch 32.7 ± 0.7 37.2 ± 2.9 
Modified GSL: 2nd batch 25.0 ± 5.0 53.6 ± 1.9 

5.5.3 Molecular weight 

Biotechnologically modified lignin samples were analyzed using size exclusion 
chromatography to determine their Mw, Mn and PDI (Table 19). Surprisingly, all samples 
exhibited an increase in molecular weight. The results suggest that rather than chain elongation 
leading to fibre formation, structural packing or aggregation occurred, as indicated by the low 
directive of the conformational diagram for the modified samples. 

Table 19 Molecular weight and polydispersity of modified lignin samples 

Lignin sample Mw (kDa) Mn (kDa) PDI (kDa) 

Kraft   6.01 ± 0.57   1.95 ± 0.35 3.11 ± 0.26 
2nd batch 150 ml 10.65 ± 1.03   3.85 ± 0.75 2.83 ± 0.29 
1st batch 150 ml 30 Days 11.86 ± 1.52   5.13 ± 0.52 2.31 ± 0.06 
1st batch 100 ml 11.00 ± 0.15   4.72 ± 0.27 2.36 ± 0.12 
2nd batch 100 ml 11.75 ± 0.25   5.81 ± 0.47 2.03 ± 0.12 

Organosolv non-modified 12.33 ± 0.16   1.86 ± 0.13 6.65 ± 0.37 
2nd batch 150 ml 20.29 ± 1.43   8.55 ± 0.67 2.40 ± 0.35 
1st batch 150 ml 30 Days 10.51 ± 0.68   8.69 ± 0.75 2.39 ±0.28 
1st batch 100 ml 18.82 ± 1.05   8.61 ± 0.35 2.23 ± 0.06 
2nd batch 100 ml 21.30 ± 0.05   9.26 ± 0.63 2.31 ±0.15 

Grape seeds non-modified 12.98 ± 0.62   3.56 ± 0.11 3.67 ± 0.29 
1st batch 100 ml 45.99 ± 24.51 14.43 ± 9.02 3.59 ± 0.58 
2nd batch 100 ml 47.13 ± 7.13 16.63 ± 6.63 3.24 ± 0.80 

Plum shells non-modified 10.19 ± 0.13   3.12 ± 0.06 3.27 ± 0.10 
1st batch 100 ml   9.77 ± 1.63   3.90 ± 0.30 2.50 ± 0.23 
2nd batch 100 ml 11.63 ± 0.18   6.50 ± 0.20 1.80 ± 0.04 

The observed increase in molecular weight is likely due to the dual activity of laccase 
enzymes, which are capable of both depolymerization and repolymerization [368]. Similar 
repolymerization behaviour has been also reported in chemical depolymerization techniques 
[369, 370]. 

The balance between polymerization and cleavage reactions is believed to depend on 
multiple factors, including: the structure and redox potential of the laccase enzyme, the structure 
and redox potential of the lignin substrate, the pH of the buffer used, The incubation 
temperature, and the solvent concentration [371, 372]. Despite advances in understanding lignin 
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transformation by laccases, the process remains poorly understood [373]. A significant obstacle 
in the valorisation of lignin is the tendency of lignin fragments, formed during oxidative 
cleavage, to repolymerize or condense into higher molecular weight species. This occurs via 
polymerization of radical intermediates, similar to the biosynthesis of lignin in plants [374, 
375]. 

Radical depolymerization generates phenoxy radical intermediates that can undergo 
repolymerization, resulting in the formation of new diaryl-ether (4-O-5') and biphenyl (5,5') 
linkages [376]. In fungi, the enzyme cellobiose dehydrogenase, a flavin-dependent enzyme 
containing a heme cofactor, likely plays a role in preventing lignin repolymerization in vivo 
[377]. This enzyme has also been reported to act synergistically with fungal manganese 
peroxidase in the degradation of Kraft pulp lignin [378].  

In this study, it is likely that both cleavage of the lignin structure, resulting in low-molecular-
weight products, and repolymerization to high-molecular-weight products occurred. The low-
molecular-weight products were not separable from the culture medium, while the high-
molecular-weight products were readily isolated. 

Addressing the issue of repolymerization remains a key challenge in lignin valorisation. One 
potential solution involves separating low-molecular-weight products using membrane 
filtration, although this approach is technically complex [379, 380]. Another general issue with 
repolymerization is the high heterogeneity of the resulting products. Narrowing the range of 
products to a lower number could improve their applicability and utilization [381]. 

5.5.4 FT-IR  

Changes in the structural composition of the modified lignin samples were studied using FT-
IR spectroscopy. The FT-IR DRIFT spectrum (Figure 50) shows changes in intensities of 
several peaks.  

For plum shell soda lignin, generally was recorded reduction of all peak’s intensity. The 
most pronounced decrease in peak intensity was 1714 cm−1, which is assigned to C═O 
stretching vibrations in non-conjugated ketones, carbonyl, and ester groups.  

In case of grape seeds soda lignin modification caused intensity reduction of peak 1714 cm−1 
and increasing intensity of peak 1515 cm−1 which is associated with the skeletal vibrations of 
C═C stretching in aromatic rings. Intensity of peak 1045 cm−1 was reduced, this peak is 
attributed to hemicellulose. As was discussed previously this peak overlapped the peak 
1030 cm−1, which is assigned to C–O stretching in primary alcohols, which as an aliphatic 
hydroxyl would have negative effect on antioxidant activity [382]. 

In the organosolv lignin sample, the biotechnological modification led to a reduction in the 
intensity of the peak 1702 cm−1, an increase in the intensity of the peak 1267 cm−1. This signal 
corresponding to C-O stretching in the guaiacyl aromatic methoxyl groups, which may have 
just caused demethylation of the aromatic methoxyl groups leading to an increase in the 
concentration of aromatic hydroxyl groups responsible for the antioxidant activity. There was 
also a reduction in the intensity of the peak 1125 cm−1 assigned to the syringyl units. 
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Finally, increasing peak intensities of 1700 and 1126 cm−1 were observed for the Kraft lignin 
sample, while the peak intensities of 1270 a 1030 cm−1 decreased, which probably contributed 
to the increase in antioxidant activity and confirmed the results from ABTS·+ assay. 

  
Figure 50 FT-IR DRIFT spectrum of modified lignin samples. 

Given the challenges associated with biotechnological modification using white rot fungi, it 
was determined that the obstacles outweighed the potential benefits. Therefore, further 
experiments were conducted using unmodified lignin samples. 

5.6 Application of lignin as ultrathin films 

Lignin nanoparticles derived from grape seeds were used for surface modification, and their 
adsorption process was analysed. A LBL deposition technique was employed, involving the 
sequential and controlled assembly of oppositely charged polymers. Four positively charged 
polyelectrolytes (PAH, PLL, PDM, and PEI) were used as anchor layers, while negatively 
charged LNP were deposited as the functional layer. 

The main advantage of this approach is its ability to overcome the challenge of lignin's low 
adhesion to most surfaces. Unlike lignin, polyelectrolytes exhibit strong adsorption capacity on 
a wide range of substrates, facilitating stable LNP deposition. The formation of multilayers was 
studied using QCM-D, providing real-time insights into adsorption kinetics, mass 
accumulation, stability, and particle swelling. LNP to the anchoring polymer surface until 
reaching saturation, after which excess LNP were removed during the rinsing cycle.  
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The formation of lignin nanoparticles resulted in an energetically favourable orientation of 
hydrophobic functional groups within the nanoparticle core, primarily stabilized via π-π and 
hydrophobic interactions. Conversely, the nanoparticle surface was enriched with hydrophilic 
functional groups (-OH and -COOH) which facilitated interaction with water and carry the 
overall negative charge of lignin [383]. 

Initially, LNP adsorption on gold crystal surfaces was verified. As shown in Figure 51, all 
LNP were removed during the rinsing step, confirming the necessity of an anchor layer. 
Subsequently, the four polyelectrolytes were evaluated as anchoring layers for LNP deposition. 

 
Figure 51 QCM-D measurement of grape seeds LNP deposition on gold crystals. 

The adsorption of LNP on PEs was analysed over a pH range of 4.6 to 10.0 to assess how 
pH variations influenced the system. The QCM-D profile of the LBL assembly using PEs at 
their native pH is presented in Figure 52. During each deposition cycle, the oscillation 
frequency (f) decreased, indicating mass accumulation, while the dissipation (D) increased, 
suggesting a more viscoelastic film. However, the rinsing step led to a rise in frequency and a 
drop in dissipation, as loosely bound material was removed. Notably, during the rinsing of PEs 
with water, energy dissipation initially spiked, particularly for PDM, PAH and PLL (Figure 
52A, B, C), due to the system swelling upon solvent exchange.  

Kinetically, all PEs adsorbed rapidly, reaching equilibrium within a short time. In contrast, 
LNP adsorption was significantly slower, attributed to their larger size and slower diffusion 
toward the surface. As the surface approached saturation, electrostatic repulsion increased, 
reducing the available space for additional adsorption. This led to a gradual decline in the 
adsorption rate, indicating that the surface is becoming saturated with the adsorbed particles, 
leading to repulsion and rearrangement of the molecules on the surface.  
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Figure 52 QCM-D measurements for LBL assembly of specific polyelectrolytes at unmodified pH 
and lignin nanoparticles: PAH pH 4.6 (A), PLL pH 8.0 (B), PDM pH 5.4 (C), and PEI pH 10.0 (D). 
The graph shows changes in oscillation frequency (black line, left axis) and energy dissipation (red line, 
right axis) over time, recorded from the 3rd overtone during the deposition of two bilayers for each 
system.  

Among the investigated PEs, PLL at pH 10 exhibited the highest adsorption onto the gold 
substrate, causing an average frequency shift of 229 ± 29 Hz at the third overtone (Figure 53). 
In contrast, PAH showed the lowest affinity to the gold surface, with a frequency shift of 
52 ± 1 Hz. However, after the rinsing step, the frequency shift (∆f) for PLL decreased to 
204 ± 25 Hz, corresponding to 12 ± 1 mg·m−1 of adsorbed PLL, as calculated using the 
Sauerbrey equation (6). 

The QCM-D experiment revealed that LBL systems prepared from PAH and PLL were pH-
dependent, whereas those prepared with PEI and PDM were not. Each PEs solution had a 
different native (unmodified) pH value (Figure 54). The increased adsorption of PLL and PAH 
at higher pH levels was likely due to the pH approaching or exceeding their respective pKa 
values (pKa for PLL = 10.5, pKa for PAH = 8.5). As the pH increased, the proportion of 
protonated R-NH3+ groups decreased, reducing the overall charge of the PEs and enhancing 
their adsorption onto the gold surface. The highest adsorption was observed at pH 10, consistent 
with previous findings for PAH [384] and PLL [385]. The increased layer thickness and charge 
density of these PEs subsequently enhanced their interaction with lignin LNP, leading to the 
formation of a thicker lignin layer.  
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Figure 53 QCM-D measurements for LBL assembly of specific polyelectrolytes at pH 10.0 and 
lignin nanoparticles: PAH (A), PLL (B), PDM (C), and PEI (D). The graph shows changes in 
oscillation frequency (black line, left axis) and energy dissipation (red line, right axis) over time, 
recorded from the 3rd overtone during the deposition of two bilayers for each system. 

As shown in Figure 54, the highest LNP adsorption occurred in LBL assemblies prepared 
from PAH and PLL at pH 10. At the second layer, 13.5 ± 3.2 and 13.1 ± 0.6 mmol·g-1 of LNP 
were adsorbed for PAH and PLL, respectively, while at the fourth layer, adsorption increased 
to 24.7 ± 3.7 and 20.0 ± 1.6 mmol·g-1 for PAH and PLL, respectively. 

In contrast, the LBL system formed using PDM and PEI exhibited no significant pH 
dependence. This is because PDM, a permanently charged polyelectrolyte with no detectable 
pKa value, does not undergo further protonation. PEI, with a native pH around 10, showed 
slightly lower lignin adsorption at lower pH levels. However, a strong pH-dependent effect was 
not expected due to PEI’s branched structure, which contains primary, secondary, and tertiary 
amine groups, resulting in a high charge density [386]. Consequently, PEI functioned as a weak 
base with broad buffering capacity, maintaining its effectiveness across a wide pH range from 
acidic to basic. Its buffering capacity peaks between pH 8 and 10, corresponding to the pKa 
values of its secondary and tertiary amines [387–389]. These findings align with a previous 
study [390], which analysed LBL assemblies prepared from PEI and a lignin-based polymer at 
pH 5 and 8, reporting no significant differences in adsorbed mass under these conditions, that 
is consistent with the observations in this study. 
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Figure 54 Adsorption of grape seeds LNP on specific PEs. In the upper part, the titration curves for 
specific polyelectrolytes PAH (A), PLL (B), PDM (C), and PEI (D) are shown. In the lower part, the 
adsorbed mass of LNP and PEs after rinsing, calculated according to the Sauerbrey equation, is 
presented for these specific polyelectrolytes under various pH conditions. The adsorbed masses are 
shown layer by layer (L). (N) indicates natural pH value of polyelectrolyte solution. 

5.6.1 Morphology of LBL assemblies 

The topography and phase images of LBL assemblies prepared using the investigated PEs at 
pH 10 and LNP were collected via AFM and are shown at Figure 55. The AFM micrographs 
revealed spherical lignin particles in all types of LBL thin films, with variations in surface 
roughness. The observed roughness is partly attributable to the QCM-D technique used for 
ultrathin film preparation. Smoother, more uniform thin films could be achieved through spin 
coating [383, 391, 392]. 

Spherical lignin particles were most prominent and abundant in the LBL thin films formed 
using PLL and LNP, resulting in the highest root-mean-square (RMS) roughness of 13.1 ± 
0.2 nm, corresponding to the highest amount of adsorbed lignin. Other LBL assemblies 
exhibited lower roughness (Figure 55), although some clusters formed on the surface, likely 
due to aggregation upon drying [393].  
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Figure 55 Atomic force microscopy images of LbL assembled polyelectrolytes and LNP at a pH 
value of 10: PAH (A), PLL (B), PDM (C), and PEI (D). The upper row displays topography images, 
while the middle row presents phase images. Both covering an area of 5 µm × 5 µm. The root-mean-
square (RMS) roughness is indicated for each image. In the lower row are 3D visualization of 
topography.  

The ultrathin films prepared using PLL at pH 10 and LNP were identified as the most 
promising and were further analysed. The surface wettability of these thin films exhibited a 
hydrophilic character, with a water contact angle (WCA) of 42.5 ± 3.1°. This WCA is slightly 
higher than that reported in a previous study [394], which may be attributed to the lower RMS 
roughness of the LBL assembly. Surface roughness plays a crucial role in determining 
wettability [395]. 

5.6.2 Radical scavenging and antimicrobial activity of LNP/PEs thin films 

Since LNP prepared from GSL demonstrated antioxidant activity (chapter 5.2.35.4.2), I 
hypothesized that multilayer thin films composed of PEs and LNP would also exhibit high 
scavenging radical activity. Figure 56 shows the antioxidant activities of multilayer LBL thin 
films ranging from 40 μg to 71 μg Trolox·cm-2. The data indicate that the antioxidant activity 
of ultra-thin films was higher in LBL assemblies prepared under alkaline conditions than in 
those prepared under acidic conditions. This could be due to the pH-dependent nature of 
antioxidant properties, as changes in pKa values influence the ionization of hydroxyl groups 
[396].  
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Figure 56 Antioxidant activity of multilayer films composed of PEs and LNP.  

After confirming the antioxidant activity of LBL assembly, a system prepared from PLL at 
pH 10 and LNP was selected to evaluate antimicrobial properties. Growth inhibition was 
recorded at 50.7 ± 0.6% against M. luteus and 12.1 ± 0.6% against E. coli.  

These results indicate that the antimicrobial activity of the LBL assemblies is primarily 
determined by the nature of the top layer, in this case, LNP. The findings suggest that simple 
adsorption-based coatings using grape seed LNP can create functional surfaces with both 
antioxidant and antimicrobial properties, making them promising for high-tech applications. 

While the investigated grape seed lignin nanoparticles exhibit antioxidant and antimicrobial 
properties, their poor adhesion to gold and other surfaces presents a challenge for forming stable 
films. However, incorporating LNP into LBL assemblies with polyelectrolytes, particularly 
PLL, significantly enhances film stability. This approach enables the development of 
multifunctional coatings applicable to various surfaces. Nevertheless, the successful formation 
of LBL assemblies requires careful control of pH and processing conditions to ensure proper 
layering and stability. 
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6. CONCLUSION 

Lignin, the second most abundant biopolymer, possesses a complex structure that presents 
significant challenges in its processing. This PhD thesis evaluated various strategies for 
extracting lignin from different agricultural sources, compared their properties, and assessed its 
potential applications. 

In the first part of the work, lignin was extracted from agricultural wastes, specifically grape 
and rose hip seeds, as well as plum and cherry shells, using the soda pulping method, which 
effectively prevented sulfur contamination. The solubility of lignin, a critical parameter, was 
systematically analyzed, and it was confirmed that DMSO is the optimal solvent for most 
samples. Hansen solubility parameters were used for qualitative assessments, and a spreadsheet 
tool was developed to model ideal solvent mixtures for lignin recovery. Emphasis was placed 
on antioxidant activity, with grape seed lignin demonstrating the highest capacity, 
outperforming commercial lignin samples. Consequently, grape seeds lignin was selected for 
further studies. 

The next section focused on the development of porous materials based on PHA without the 
use of halogenated solvents. The material was modified by incorporating bacterial cellulose and 
by blending with grape seed lignin. Porous cryogels were successfully fabricated, and blending 
with GSL enhanced thermal properties by shifting degradation to higher temperatures. BET 
analysis confirmed that P3HB cryogels exhibit a high specific surface area, although the 
addition of BC reduced the surface area in PHA blend cryogels. BC also effectively lowered 
the density of all cryogel types and modified their hydrophobicity, while cryogels containing 
GSL exhibited antioxidant activity. 

Another strategy involved preparing lignin nanoparticles using an antisolvent precipitation 
method. Various organic solvent systems were compared, and LNP prepared from nearly all 
sample types using aqueous THF achieved sizes below 100 nm and demonstrated excellent 
long-term stability. As expected, these LNP exhibited antioxidant activity, and those derived 
from GSL also showed antimicrobial activity against both gram-positive and gram-negative 
bacteria. 

Lignin was further modified through biotechnological methods using white-rot fungi that 
produce ligninolytic enzymes. Based on enzyme activity screening, Lenzites betulina was 
selected as the most promising candidate. However, this biotechnological modification 
unexpectedly increased the molecular weight of lignin, likely due to radical coupling reactions 
inherent to its complex structure. Although the modification enhanced antioxidant properties, 
it led to a reduction in antimicrobial activity. 

Finally, the preparation of ultrathin films by adsorption of LNP (from GSL) was investigated 
using QCM-D with four different polyelectrolytes. Among these, PLL demonstrated the best 
adsorption properties, resulting in the highest uptake of LNP. The resulting ultrathin films 
exhibited both antioxidant and antimicrobial properties. 

Overall, the applications explored in this thesis contribute to a deeper understanding of lignin 
and demonstrate its potential for developing high-tech materials. 
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8. LIST OF ABBREVIATIONS 

AcOH Acetone 

AFM Atomic force microscopy 

BC  Bacterial cellulose 

BET  Brunauer–Emmett–Teller 

Cis, cis-MA  Cis, cis-muconic acid  

CNF  Cellulose nanofibers 

DMA  Dynamic mechanical analysis 

DRIFT  Diffuse Reflectance Infrared Fourier Transform Spectroscopy 

DSC Differential scanning calorimetry 

E′  Storage modulus 

EDTA  Ethylenediaminetetraacetic acid 

EtOH Ethanol 

FESEM  Field-Emission Scanning Electron Microscope 

FT-IR  Infra-red spectroscopy 

GAE  Gallic acid equivalent 

GSL  Grape seeds lignin 

HSP  Hansen solubility parameters 

LBL  Layer-by-Layer 

LiP Lignin peroxidase 

LNP  Lignin nanoparticles 

LVE range  Linear viscoelastic range 

MALLS  Multiangle laser light scattering detection  

MeOH Methanol 

MIC Minimum inhibitory concentration 

mrest Residual mass at 400 °C  

Mn  Number-average molecular weight  

MnP  Manganese-dependent peroxidase 

Mw  Weight-average molecular weight 
{2$%%  Apparent molecular weight 

PAH  Poly(allylamine hydrochloride) 
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PEI  Polyethyleneimine  

PEs  Polyelectrolytes 

PDI  Polydispersity index 

PDM Poly(diallyldimethylammonium chloride)  

PHA  Polyhydroxyalkanoates 

P3HB  Poly-3hydroxybutyrate  

P3HB-co-4HB  Poly-3hydroxy-co-4-hydroxybutyrate  

PHBV  Poly-3-hydroxybutyrate-co-3-hydroxyvalerate  

PHBH  Poly-3-hydroxybutyrate-co-3-hydroxyhexanoate  

PLA Polylactic acid 

PLL  Poly-L-lysine  

PVA  Polyvinyl alcohol 

QCM-D  Quartz crystal microbalance with dissipation monitoring 

RHL  Rose hips lignin 

RMS  Root mean square 

SEC  Size exclusion chromatography  

SEM  Scanning Electron Microscopy 

TEAC  Trolox Equivalent Antioxidant Capacity 

Tonset  The onset temperature of thermal degradation  

Tmax  Temperature of maximal degradation 

Tg  Glass transition temperature  

TGA  Thermogravimetric analysis 

TPC  Total Phenolic Content 

WCA  Water contact angle 
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9. APPENDIX 

Table A1 Comparison of lignin samples solubility in organic solvents and their aqueous mixtures 
for HSP spheres generation 

Solvent  Alkali Kraft Organosolv Grape 
seeds Soda 

Plum stone 
Soda 

Acetone  0 0 0 0 0 
Acetonitrile  0 0 0 0 0 
Aceton - water 3:1  0 1 1 0 0 
Diethylether  0 0 0 0 0 
Diethyltriamine  0 1 1 0 1 
Dichloromethane (DCM)  0 0 0 0 0 
DCM - methanol 1:1  0 1 1 0 0 
Dimethylformamide  0 1 1 0 0 
1.4-dioxane  0 0 0 0 0 
1.4-dioxane - water 9:1  0 1 1 0 0 
DMSO  1 1 1 1 1 
Ethylmethylketon  0 0 0 0 0 
Ethanol  0 0 0 0 0 
Ethanol - water 3:1  1 0 0 0 0 
Ethyl acetate   0 0 0 0 0 
Ethylene glycol  1 1 1 0 1 
n-hexane  0 0 0 0 0 
Chloroform   0 0 0 0 0 
Isooktane  0 0 0 0 0 
Isopropanol  0 0 0 0 0 
Isoamyl alcohol   0 0 0 0 0 
Methanol - water 3:1  0 0 0 0 0 
Methanol  0 0 0 0 0 
1.3-propandiol  1 1 1 0 0 
Pyridine  0 1 1 0 0 
Tetrahydrofuran (THF)  0 0 1 0 0 
THF - water 3:1  0 1 1 1 0 
Toluene  0 0 0 0 0 
Water  1 0 0 0 0 

1 – soluble, 0 – insoluble   
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